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Abstract

Cellulose is the most abundant organic compound on earth, and has been studied 

intensely. This thesis includes a review of previous studies and literature compiled on 

cellulose degradation and its significance to biofuel production. It also reports a study 

designed to advance knowledge of cellulose degrading bacteria and fungi in Alaskan 

boreal forest soil. This was accomplished using stable isotope probing (SIP) in soil 

microcosms and community analyses of organisms colonizing in situ buried Birch

13Tongue Depressors (BTDs). We identified which organisms incorporated a C cellulose 

label into their genomic material, finding degradation to be dominated by fungi. Fungi 

from the genera Sebacina, Geopyxis and Geomyces were the most prevalent in fungal ITS 

clone libraries. The most abundant bacterial cellulose utilizers were members of the 

order Sphingobacteriales, along with several unclassified Bacteria; the well-known 

cellulose degrader Cellvibrio was present, but found less frequently. The microbial 

community colonizing BTDs shared some taxa in common with bacterial SIP results, but 

differed from fungi identified with SIP. Using SIP, we identified a variety of soil 

microorganisms active in utilization of carbon from cellulose. These findings are 

significant for understanding fundamental ecosystem carbon cycling and may have 

application to cellulosic biofuel production technologies.
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CHAPTER 1. General Introduction

1.1 Introduction

Cellulose is a complex polymer which is a vital part of the carbon cycle on Earth, 

and comprises from between 35-70% of plant biomass (Baez-Vasquez and Sinitsyn,

2008; Lynd et al, 2002). It is also the most plentiful organic compound on Earth and is 

most typically found in plant biomass, although some bacteria can manufacture cellulose 

as well. Glucose monomers connected by P-1,4-linkages compose the cellulose structure, 

which are often arranged in a crystalline fashion, making it difficult to depolymerize into 

mono- or di-saccharide subunits. The structure and decomposition of cellulose has been 

studied for many decades, including which microorganisms are capable of cellulose 

degradation. Specialized extracellular enzymes are required to degrade cellulose, which 

only certain microorganisms possess. It has been found that both aerobic and anaerobic 

fungi and bacteria can decompose cellulose.

Cellulosic biomass is widely available throughout the world as agricultural waste, 

and because of its high content of sugars for potential fermentation, cellulose degradation 

has become the subject of intense focus as a feedstock for biofuels. Since biofuels have 

gained in popularity, microbial processes are at the forefront of cellulosic ethanol 

production research. However, more research remains to be done in order to overcome 

the limitations of cost, efficiency and achieve feasibility.

Chapter 2 discusses the structure of cellulose and studies that have expanded our 

knowledge on cellulose degradation. Chapter 3 describes a stable isotope probing (SIP)
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study that was performed to identify cellulose degrading microorganism in Alaskan 

boreal forest soil. Chapter 4 concludes this thesis with a general summary of the project 

findings and their implications.
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CHAPTER 2. Cellulose Degradation and its Biofuel Potential

2.1 Abstract

Cellulose is the most abundant polymer on earth, and as such, has been one of the most 

intensely studied. Cellulose is found in plant cell walls in varying amounts, and is often 

found surrounded by hemicellulose and lignin, which free or cell-associated 

extracellulases can degrade (Lynd et al, 2002). Synergy between the three classes of 

cellulolytic enzymes (endoglucanases, exoglucanases and B-glucosidases) is common, 

and may even be necessary to fully degrade cellulose. Some bacteria also form a 

compound known as a cellulosome. Cellulases have been found in microbes and 

sequenced over the years from varying sources (Davison and Blaxter, 2005; Tokuda et al, 

2005). Recently, there has been renewed interest in the biodegradation of lignocellulosic 

biomass for production of biofuels such as ethanol. Co-cultures may be advantageous in 

cellulosic biofuel production as they can be more successful at lignocellulose degradation 

than a single strain alone. In addition to exploring synergistic processes, additional 

research is needed to identify taxa, enzymes and genes from the environment with 

increased efficiency of celluloysis in order to achieve feasible cellulosic biofuel 

production technologies.
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2.2 Introduction

Cellulose is a complex polymer that constitutes the most abundant carbohydrate 

on earth. Various plant species have differing amounts of cellulose composing their 

biomass, from 35-70% (Baez-Vasquez and Sinitsyn, 2008; Lynd et al, 2002). Cellulose 

is composed of glucose monomers connected by P-1,4-linkages, usually arranged in a 

crystalline fashion, making it difficult to depolymerize into mono- or di-saccharide 

subunits. The degradation of cellulose by microbes requires specialized extracellular 

enzymes possessed by only certain microorganisms. There are both fungi and bacteria 

that can decompose cellulose, aerobically or anaerobically, using a variety of 

mechanisms. Much of what we know about cellulose degradation comes from research 

on ruminants and ecosystem carbon cycling.

The availability of cellulosic biomass, coupled with its high content of sugars for 

potential fermentation has made cellulose degradation the subject of intense focus as a 

feedstock for biofuels. Microbial processes are at the forefront of cellulosic ethanol 

production research. However, more research remains to be done in order to overcome 

the limitations of cost, efficiency and achieve feasibility.

Because of the enormity of the field, this is not meant to be an exhaustive review 

on cellulose degradation. It will, however, provide a basic overview of cellulose 

degradation mechanisms, major classes of cellulase genes, and bacterial and fungal taxa 

involved, as well as identify some urgent fundamental research needs for the 

advancement of cellulosic biofuel production technology.
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2.3 Structure of cellulose

Cellulose is found in plant cell walls in varying amounts and is often embedded 

into a complex structure of hemicellulose and lignin (Lynd et al, 2002). The cellulose 

polymer is composed of B-1,4-linked glucose monomers. Native cellulose is termed 

cellulose I, and is the most studied polymer in all of science (Bayer et al, 1998). Despite 

being well-studied, the actual structure of cellulose is not completely resolved, although 

some progress has been made in the past decades (Lynd et al, 2002). It is known to 

consist of two types of cellulose I, dominant type cellulose IK and minor cellulose IB 

(Bayer et al, 1998). The two types of cellulose have different hydrogen-bonding systems; 

cellulose IB is more thermodynamically stable and usually found in wood cell walls 

(Hayashi et al, 1998). Cellulose consists of two different forms: amorphous and 

crystalline. The amorphous form is relatively weak, and can be hydrolyzed by a variety 

of chemical or enzymatic means, while crystalline cellulose is very strong and resistant to 

hydrolysis (Lynd et al, 2002).

To compose crystalline cellulose, approximately 30 individual cellulose 

molecules self-assemble into larger units called protofibrils. These protofibrils then 

attach to each other to form larger, microfibrils, which are then assembled into cellulose 

fibers. These chains of cellulose are strengthened by intra- and inter-chain hydrogen 

bonds. Sheets of cellulose overlie one another, and, in cellulose I, are held together by 

weak van der Waals forces (Lynd et al, 2002). The total effect of this process makes 

cellulose extremely strong, and forms a substance that even water cannot penetrate. The 

surface of cellulose is not smooth, but filled with pits and rough patches. These
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irregularities act to increase the surface area of cellulose dramatically. When there is 

very little surface area to which cellulolytic enzymes may attach, cellulose degradation is 

slowed until more surface area is available (Elmsley, 2008; Fields et al, 2000; O ’Sullivan 

et al, 2005). As a result, the rate of cellulose degradation is directly linked to the 

available surface area of cellulose. In addition to this, synergistic activities between 

endo- and exo- enzymes require simultaneous entry into any pore or irregularity (Gama et 

al, 1994). Tanaka et al (1988) found that the presence of pores in cellulose can inhibit 

synergism, resulting from exclusion phenomena. Although porosity is thought to 

increase the surface area of cellulose, it can actually become partially filled with protein, 

and sugar diffusion can inhibit cellulase access to the cellulose itself (Gama et al, 1994). 

Gama et al (1994) found with amorphous cotton that having a great porosity, thus making 

it inaccessible to enzyme molecules, resulted in the cotton becoming fragmented into 

many small fibers at the beginning of the reaction, thus allowing more surface area for 

enzymes to attach.

Bacterial cellulose, although not the focus of the study, is worth mentioning. It is 

highly crystalline, and is synthesized through alternative mechanisms. Microbial 

cellulose is produced by several bacterial species, including those from the genera 

Gluconacetobacter (formerly Acetobacter), Agrobacterium, Aerobacter, Achromobacter, 

Azotobacter, Rhizobium, Sarcina, and Salmonella (Shoda and Sugano, 2005).

Cellulose produced by bacteria can form as a loose slime, which is non-adherent and 

provides a sticky consistency allowing the bacteria to grow on a solid medium or by 

increasing the thickness of a liquid medium, or it can develop as microcapsules or



8

capsules, which adhere to the cell wall (Chawla et al, 2009). Bacterial cellulose has 

several unique properties, such as being able to hold up to one hundred times its weight 

in water, being highly biodegradable, having a high crystallinity and being of high purity, 

and containing neither hemicelluloses nor lignin (Shoda and Sugano, 2005). It also has 

both higher tensile strength and higher porosity than plant cellulose, which makes it more 

versatile in industrial uses (Chawla et al, 2009). It also has both higher tensile strength 

and higher porosity than plant cellulose, which makes it more versatile in industrial uses 

(Chawla et al, 2009). Bacterial cellulose differs even more from plant derived cellulose 

in the manner in which it is degraded by fungi and mixed ruminant bacteria (Gama et al, 

1994; Schofield et al, 1994; Weimer et al, 2000). Weimer et al (2000) found that 

bacterial cellulose was degraded much more quickly than plant derived cellulose, and 

differed in fermentation end products, which suggested that different ruminant microbes 

were active in bacterial versus plant cellulose degradation.

2.4 Enzyme systems for cellulose degradation

Microorganisms produce many different enzymes in order to degrade cellulose, 

which are also effective against hemicellulose (Lynd et al, 2002). These enzymes, 

including endoglucanases, exoglucanases and P-glucosidases, usually work together in 

order to effectively degrade lignocellulose compounds composed of cellulose, 

hemicellulose and lignin.
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2.4.1 Extracellular cellulases

Extracellular cellulases can be either free or cell associated (Lynd et al, 2002).

The three major types of enzymes are the endoglucanases, exoglucanases and B- 

glucosidases. Exoglucanases, or cellobiohydrolases, attack the cellulose molecules from 

the nonreducing ends in an organized manner. Endoglucanases cleave B-glucosidic 

bonds at random in the cellulose chain, freeing either cellobiose or glucose. Cellobiose is 

made up of two glucose monomers, which are linked together in a P, 1-4 bond. B- 

glucosidases hydrolyze cellobiose and small cellodextrins into glucose (Beguin, 1990) 

and can be extracellular or intracellular (Gonzalez-Pombo et al, 2008). Most cellulases 

contain one of two modular structures which are known as a catalytic or carbohydrate- 

binding module (CBM) that enable binding to the surface of the cellulose. All 

cellulolytic bacteria secrete various endoglucanases (Beguin, 1990), and some also 

secrete exoglucanses. Anaerobic bacteria and some fungi have been found to produce a 

complex structure known as a cellulosome, which attaches to the cellulose polymer and 

enables cellulose degradation. Cellulosomes will be discussed in greater detail below.

2.4.2 Synergy

Cellulase systems also exhibit synergy in multiple fashions. There are many 

types of synergy: exo-exo synergy, between two exoglucanases; endo-exo synergy, 

between an exo- and endoglucanase; exoglucanase and B-glucosidase synergy; and 

intramolecular synergy between catalytic domains and CBMs (Teeri, 1997). Synergy is 

very common, and appears to be required to degrade crystalline cellulose (Beguin and
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Aubert, 1994). Synergy has been found between cellulosome subunits (Wu et al, 1988), 

between cellulosomal cellulases (Murashima et al, 2002, Han et al, 2004a), and between 

cellulosomal cellulases and hemicellulases (Murashima et al, 2003, Han et al, 2004b).

There have been multiple studies that address synergy that have suggested that 

synergy is a complex phenomenon. Maximum synergy between cellulases depends on 

the proper ratio of cellulases (Murashima et al, 2002). It has also been found that the 

sequential addition of enzymes affects the efficiency of synergy, as some enzymes might 

possibly prepare the way for others to follow by exposing substrates, etc. (Doi, 2008). 

There has also been a demonstration of synergy with extra-cellular noncellulosomal 

enzymes and cellulolytic enzymes (Han et al, 2004a).

2.4.3 Cellulosomes

In studying cellulose degradation, an “aggregate” was often found in bacterial 

studies (Bayer et al, 1994). These “aggregates” have been termed cellulosomes and have 

an important function in cellulose degradation. Numerous protein subunits make up a 

cellulosome, and these cellulosomes mediate adhesion to cellulose (Bayer et al, 1994). 

Cellulosomes (Figure 2.1) have been found in anaerobic bacteria and some fungi. A 

cellulosome contains a scaffolding subunit which consists of a cellulose-binding domain 

(CBD), multiple cohesions, dockerins, linkers and catalytic domains (Bayer et al, 1994). 

Although cellulosomes can be formed by both fungi and bacteria, bacterial cellulosomes 

tend to be larger. In the bacterium Cellulomonas uda, a “bulbous surface protuberance” 

was found which resembled the cellulosome found on Clostridium thermocellum
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(Kenyon, 2005). C. uda, which is non-motile, forms a close association with cellulose 

strands as it breaks down the cellulose into smaller sugars that can be transported into the 

cell. However, the Cellulomonas gelida strain is a motile strain, which utilizes 

chemotaxis to gravitate towards cellulose and its metabolites (Kenyon, 2005).

Cellulosomes may be complex or simple, that is, containing many scaffolding 

proteins and accessory proteins or made up of only a single scaffolding protein and 

enzymes (Doi, 2008). Cellulosomes are successful and necessary parts of cellulose 

degradation, which has been attributed to their tight binding of cellulose via the CBM 

(Doi, 2008).

Due to the efficiency of cellulosomes, there has been discussion of producing 

hybrids termed “designer cellulosomes.” Hybrids might be capable of more efficient 

cellulose degradation, and could be used to genetically engineer microorganisms to 

perform cellulose degradation (Bayer et al, 1994). This could be directly used in biofuel 

production to increase the efficiency of saccharification.

2.5 Cellulose degrading microorganisms

2.5.1 Bacterial and fungal degradation

Cellulose can be degraded by some bacteria and fungi, aerobically and/or 

anaerobically. Fungi are considered the dominant decomposers of cellulosic biomass 

(Schulz and Thormann, 2005). Most typically, aerobic cellulolytic fungi are found in 

degrading plant materials, soils and agricultural wastes, while anaerobic cellulolytic fungi 

are found in the rumen and intestinal tract of large herbivores. The most well-known



12

cellulose degraders are white-rot fungi, brown-rot fungi and soft-rot fungi, which are 

often found on dead logs. Aerobic cellulolytic bacteria, on the other hand, have been 

found in soil, water, plant materials, humus, animal feces, sugar cane fields, and leaf 

litter, while anaerobic cellulolytic bacteria are also found in soil and decaying plant 

material, but also termite guts, wood-chip piles, compost piles, paper mills, and wood 

processing plants (Doi, 2008). Anaerobic bacteria degrade cellulose primarily using 

cellulosomes, and adhesion to cellulose appears necessary in some cases. As is the case 

with most anaerobes, cell yields are low and most of the cellulose substrate is converted 

to fermentation products such as ethanol, organic acids, CO2 and H2 (Lynd et al, 2002). 

Aerobic bacteria release substantial amounts of recoverable extracellular enzymes to 

break down cellulose, and enzymes are sometimes present at the cell surfaces (Lynd et al, 

2002; Schwarz, 2001). The enzymes released are often involved in synergy in degrading 

cellulose, and adhesion between the cells and cellulose does not appear to be necessary 

(Lynd et al, 2002).

The rumen of large herbivores and the termite gut have both been indispensible in 

furthering our understanding of cellulose biodegradation. Some soil invertebrates such as 

earthworms, springtails, isopoda, and millipedes also contain a microbial community 

which assists in cellulose degradation (Konig, 2006). However the majority of research 

has focused on rumen and termite gut microflora.

In the rumen, anaerobic digestion of cellulosic material and other fibers produces 

volatile fatty acids, CO2, CH4 and small amounts of H2 from cellulose, xylan, starch, 

pectin and sugars (Scofield et al, 1994). Since the rumen is a treasure-trove for cellulose-
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degrading microbes, many studies have examined cellulose and ruminants. 

Microorganisms present in the rumen consist of protozoa, bacteria and fungi (Hu et al, 

2008), which work together to create a highly efficient system to degrade lignocellulosic 

biomass. In fact, the removal of protozoa has been found to decrease cellulolysis in the 

rumen, a difference that is more distinct for hemicellulose than cellulose (Kasuya et al,

2007). A study done by O’Sullivan and Burrell (2006) showed that rumen communities 

that were grown in a leachate-based medium (the liquid fraction of reactor slurry which 

was enriched with nutrients from the waste bed) had greatly reduced cellulose 

solubilization compared to those grown in a rumen-based medium. However, leachate 

organisms that were grown in a rumen-based medium obtained no cellulose solubilization 

advantage. O’Sullivan and Burrell (2006) conclude that cellulose solubilization by 

rumen microorganisms is highly specialized and dependent on the nutritional 

requirements that are met by the rumen, not by the inclusion of digester leachate. This 

suggests, that while rumen cultures may be a valuable tool in advancing biofuel 

production, maintaining the nutritional requirements of rumen cultures may prove 

challenging.

Another ruminant study examined the possibility of converting high- 

lignocellulose cattails in a goat rumen culture to a biogas or to carboxylic acids (Hu and 

Yu, 2006). The study showed that cattails were efficiently converted into volatile fatty 

acids through batch cultures of rumen microorganisms (Hu and Yu, 2006). The major 

fermentation products were acetate and propionate, but butyrate, i-butyrate and valerate
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were also formed in small quantities. Biogas that was formed consisted of CO2, CH4, and 

H2 (Hu and Yu, 2006).

Termites form obligate, nutritional relationships with cellulose-degrading 

microbes (Warnecke et al, 2007), which allows termites to thrive in 68% of the earth’s 

surface (Konig, 2006). These insects contain a complex microbial community in their 

hindguts, which enables them to degrade cellulose into sugars that can be used for 

energy. These microbes not only allow the insects to live and thrive but they also 

significantly contribute to the global carbon cycle (Konig, 2006). Bacillus species are 

extremely important to the termite when considering degradation of cellulose, 

hemicellulose and aromatic compounds (Konig, 2006). The termite is an anaerobic 

“gradient system,” as described by Konig (2006), which is constantly supplied with 

oxygen. However, because their guts are so much smaller than a ruminant’s, there is a 

500 times larger influx of oxygen per unit volume (Konig, 2006). Obviously, this greatly 

affects the species of microbes that live there, as a rumen contains only anaerobic 

cellulolytic bacteria, some of which belong to the genera Ruminococcus, Butyrivibrio and 

Bacteroides, while the termite gut contains faculatively anaerobic bacteria or 

microaerophilic bacteria (Konig, 2006). The termite gut has been found to host over 100 

cellulolytic bacterial strains belonging to 23 different groups (Wenzel et al, 2002). These 

include Actinomycetales, Bacillus, oc-Proteobacteria, Flexibacteraceae, Cellulomonas 

and Paenibacillus (Wenzel et al, 2002). In the study done by Warnecke et al (2007), 

Fibrobacters made up 13% of the species identified in a wood-feeding higher termite. 

However, it remains to be seen how much cellulose degradation the cellulolytic
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microorganisms in the termite’s hindgut perform, as it has also been found that termites 

contain their own unique cellulases in their salivary glands, which is an area that remains 

free from microbes (Tokuda et al, 2005).

2.5.2 The Guild Decomposition Model

A model for lignocellulose degradation has been proposed called the Guild 

Decomposition Model. This model suggests that as lignocellulosic biomass is degraded, 

its litter chemistry changes and causes the microbial community behavior to also change. 

Moorhead and Sinsabaugh (2006) proposed that microorganisms selectively choose 

which compounds to degrade first, in order of the most available to the most recalcitrant. 

This process would maximize the energy gain per unit investment in acquiring resources. 

Thus, soluble litter compounds would be degraded before cellulose and hemicelluloses, 

then be followed by lignin. However, a problem arises in that lignin often shields some 

cellulose and hemicellulose, which will be revealed as lignin begins to be degraded. 

Therefore, the degradation of lignocellulosic biomass is delayed by the degradation of 

lignin.

2.5.3 Co-cultures

In nature, cellulose is thought to be degraded and utilized as a carbon source by 

different taxa of microorganisms that work together. Many researchers have developed 

stable microbial communities (from various environmental samples, using various 

culturing techniques) that have high cellulose degrading capabilities (Guevara and
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Zambrano, 2005; Haruta et al, 2002; O’Sullivan et al, 2005). These experiments have 

shown that microbial communities have higher cellulose degrading capabilities than do 

single strains. Guevara and Zambrano (2005) experimented with multiple consortia and 

the communities’ abilities to degrade sugarcane leaves mixed with either a minimal salts 

medium or with water containing 3% sugarcane cellulose as the sole carbon source.

They found a group of four strains that contained the most carboxymethylcellulase 

activity and degraded cellulose in the medium with minimal salts most effectively. 

However, a consortium of all nine of their strains degraded the cellulose in the water 

medium most effectively. All nine of their strains showed good cellulase activity when 

alone, but varying combinations of strains showed even better than expected degradation 

rates in some cases. Of these nine strains, four were Bacillus subtilis, one was a 

Cellulomonas species and the remaining four belonged to the genus Streptomyces.

Co-cultures are being studied more often as it becomes apparent that they can be 

more efficient at cellulose degradation than a single strain alone, although one mixed- 

culture study found that they could not identify all the members of their bacterial group 

(Kato et al, 2004). They were, however, able to identify some species present, including 

a cellulolytic Clostridium and several aerobic non-cellulolytic bacteria (Kato et al, 2004). 

Since some studies have demonstrated that successful cellulose-degrading mixed cultures 

are both stable and highly efficient cellulose degraders (Haruta et al, 2002), these may be 

a viable resource for biofuel ethanol production.
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2.6 Genetics of cellulases

Fungi and bacteria are widely accepted as the only organisms able to degrade 

cellulose while animals are thought to be unable to digest cellulose, except when assisted 

by microbes in their gut. However, termites, nematodes and squirts have recently been 

found to contain their own cellulases, enabling them to digest cellulose without the help 

of microbes (Davison and Blaxter, 2005; Tokuda et al, 2005). There are two theories for 

the presence of cellulases in these animals, one of which states that they obtained them 

through lateral gene transfer, while the other suggests that an ancient ancestral eukaryote 

possessed cellulase genes that only some modern day eukaryotes retain (Davison and 

Blaxter, 2005; Stanhope et al, 2001).

There are fourteen families of glycosyl hydrolases that can degrade cellulose 

(Davison and Blaxter, 2005). Davison and Blaxter (2005) looked extensively into Family 

9, and using genetic data that span five metazoan phyla determined that an ancestral 

eukaryotic origin was the more likely of the two scenarios. However, this is not enough 

to classify those organisms as “cellulolytic organisms,” which are organisms that can live 

with cellulose as the sole carbon source. Many noncellulolytic organisms are able to 

degrade carboxymethylcellulose, or non-crystalline cellulose (Tokuda et al, 2005).

Although some animals may be cellulolytic organisms, bacteria and fungi remain 

the most well known cellulose degraders. The bacterial cellulose degrader Clostridium 

thermocellum is widely accepted as the model organism for cellulose degradation. C. 

thermocellum is a thermophilic cellulose degrader with a highly active cellulolytic 

system, and is also a cellulosome producer. It contains a cellulosome with numerous
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cellulolytic and hemicellulolytic catalytic subunits, attached to a scaffoldin. Most of the 

enzymes found in C. thermocellum are endoglucanases (Zverlov et al, 1999). The C. 

thermocellum cellulosome appears to have a tunnel-like morphology, perhaps allowing 

for cellulose strands to be threaded through as the cellulosome binds (Zverlov et al, 1999; 

Zverlov et al, 2002). In Clostridium thermocellum, a novel cellulosomal 

cellobiohydrolase has been discovered called CelO. CelO is tightly integrated into the 

cellulosome complex, which appeared to be why deleting a CBM in the CelO complex 

did not negatively affect the catalytic activity of the enzyme. Other strongly binding 

CBMs are suggested to not affect the cellulosome complex either due to the rest of the 

binding properties of the cellulosome as a whole (Zverlov et al, 2002).

Thermobifidafusca, an organism that prefers cellulose as its carbon source but 

can also use chitin, grows at 50°C, is gram-variable, and is found in compost piles and 

decomposing hay. It has been suggested that T. fusca  has adapted its CBM33 genes, 

which were ancestrally chitin-binding proteins, to be useful for cellulose (Moser et al, 

2008).

2.7 Cellulosic biofuel production

2.7.1 Renewable biofuel via microbial processes

The world’s petroleum supply is being depleted with no current way to replace 

this non-renewable energy source. With this realization, there has been a shift of focus 

from conserving what oil we have left to replacing oil fuel with a more environmentally 

friendly biofuel. Microbial cellulose degradation and cellulose-degrading enzymes are



19

currently the focus of research that aims to use cellulose rather than starch as a feedstock 

for production of ethanol and other biofuels via microbial processes. A common 

criticism of starch-based crops for biofuel production is the competition between food 

and fuel. Lignocellulosic biomass is advantageous over starch for a number of reasons: it 

is a more dominant component of plants than starch (e.g., corn kernels) and is readily 

available in agricultural waste and non-agricultural plants as well as in other wastes 

(paper, sawdust, etc.). Studies have shown that biogas production from sugar beet pulp, 

sugarcane waste, as well as grass/clover is possible (Cirne et al, 2006; Hutnan et al, 2000; 

Singh et al, 2008).

Some proponents of biofuel use suggest that butanol is actually a better biofuel 

than ethanol due to its higher energy content, lower hygroscopicity and corrosivity 

(Fortman et al, 2008). However, despite recent criticism concerning ethanol, and the 

suggestion of looking to other forms of alcohols for biofuels, most studies have focused 

on ethanol, and have indicated that using ethanol produced from lignocellulosic biomass 

would reduce greenhouse gas (GHG) emissions even more than the use of corn ethanol. 

There are reports that using lignocellulosic biomass for ethanol production reduces GHG 

emissions by about 80% when compared with gasoline, while ethanol from corn only 

reduces emissions by about 20-30% (Baez-Vasquez and Demain, 2008). Corn ethanol 

has been widely critiqued. At least one critic states that GHG emissions are not 

calculated correctly, and that GHG emissions would actually increase if corn ethanol 

were used on a large scale (Hoekman, 2009). Hoekman (2009) takes into account 

indirect land use changes, which he claims most studies appear to ignore; these indirect
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land changes would be similar to clearing a rainforest to grow crops for food and/or fuel 

requirements. Despite this critique of ethanol biofuel, using lignocellulosic waste from 

farms, such as stems, leaves, stalks, rice hulls, etc., is not only less competitive with the 

food market, but provide an environmental advantage.

Most ethanol in the United States is produced using the yeast Saccharomyces 

cerevisiae to convert starch-derived glucose into ethanol and CO2 (Peterson and Ingram,

2008). Recent studies have begun to focus on genetic engineering and higher ethanol 

tolerance of microbes. Another challenge of current research is finding one organism 

which can degrade cellulose and produce a main end product of ethanol. Instead, two 

sets of organisms are often used, the first to degrade cellulosic biomass, and the second to 

ferment the resultant sugars, which include both pentose and hexose sugars, into ethanol. 

With this knowledge some have started to genetically engineer E. coli strains to produce 

ethanol as a main product from hexose and pentose sugars (Peterson and Ingram, 2008). 

Strain KO11, like many genetically engineered organisms, has mixed results with respect 

to its stability (Dien et al, 1997; Dumsday et al, 1999), which may be a problem if used 

for mass ethanol biofuel production. To increase the resistance of KO11 to ethanol, 

mutant strains were used that had a high tolerance of ethanol. This high ethanol 

tolerance, however, does have the added benefit of preventing culture contamination 

from occurring (Tomas-Pejo et al, 2008), which may prove useful for biofuel production. 

Although high ethanol tolerance is still needed, continuous ethanol removal offers a 

twofold increase of ethanol yield when 37% of the ethanol has been removed (Baez- 

Vasquez and Demain, 2008).
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2.7.2 Pretreatments

Due to the hindering effects of lignin, lignin is usually removed before cellulosic 

biomass is degraded for biofuel production. This can be done in one of several ways. 

There are four categories for pretreatment methods: physical pretreatment, physico

chemical pretreatment, chemical pretreatment, and biological pretreatment (Taherzadeh 

and Karimi, 2008). Within these four categories, there are many different methods, and a 

non-exhaustive list would be: milling, irradiation, microwave, steam explosion, ammonia 

fiber explosion, alkaline hydrolysis, liquid hot-water treatment and biological 

pretreatments. Biological pretreatments are often carried out using fungi, including 

brown-, white-, and soft-rot fungi, and usually degrade lignin and hemicelluloses 

efficiently, but do not degrade much cellulose (Taherzadeh and Karimi, 2008). The main 

advantages of using biological pretreatments are the low energy requirements, lack of 

chemical requirements which can slow fermentation, and mild environmental conditions 

that are necessary (Taherzadeh and Karimi, 2008). Pretreatment helps to disrupt 

crystallinity and solubilize cellulose and hemicellulose, making those polymers easier for 

microbes to attack (Baez-Vasquez and Demain, 2008). The disadvantage to 

pretreatments is that they can be costly, in fact, the most costly part of ethanol fuel 

production, and can even lead to a loss of sugars in degradation (Wyman, 2007). 

Pretreatment releases natural inhibitors, can control the proportion of sugars, and can 

shorten the time required for enzymatic hydrolysis of anhydrous sugars (Wyman, 2007).
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2.8 Conclusions

Cellulose degradation is important to the global carbon cycle and may have 

valuable role to play in the future as a sustainable feedstock for biofuels. Research into 

cellulose biodegradation has provided a great deal of insight into the microbial processes 

and taxa involved in this process. Despite the abundance of research on this topic, more 

work is urgently needed before the complex ecology of synergistic cellulose 

decomposition in natural systems is fully understood. Only a fraction of the likely total 

diversity of cellulose degrading microorganisms have been discovered to date. Given that 

one of the major limiting factors in cellulosic biofuel production is the efficiency of 

cellulolysis, there is a need to continue exploring the natural environment for more 

efficient organisms, enzymes and genes that can be applied to cellulosic biofuel 

production before cellulosic biofuel can help meet our need for affordable, renewable 

cellulosic biofuels.



23

2.9 References

3. Baez-Vasquez MA, Demain AL (2008) Ethanol, Biomass, and Clostridia. Bioenergy. 
ASM press, Washington, DC.

4. Baez-Vasquez MA, Sinitsyn AP (2008) Chrysosporium lucknowense cellulases and 
xylanases in cellulosic biofuels production. Bioenergy. ASM press, Washington, DC.

5. Bayer EA, Chanzy H, Lamed R, Shoham Y (1998) Cellulose, cellulases and 
cellulosomes. Curr Opin Struct Biol. 8:548-557.

6. Bayer EA, Morag E, Lamed R (1994) The cellulosome— a treasure trove for 
biotechnology. Tibtech. 12:379-386.

7. Beguin P (1990) Molecular Biology of Cellulose Degradation. Annu Rev Microbiol. 
44:219-248.

8. Beguin P, Aubert JP (1994) The biological degradation of cellulose. FEMSMicrobiol 
Rev. 13:25-58.

9. Chawla PR, Bajaj IB, Survase SA, Singhal RS (2009) Microbial cellulose: 
fermentative production and applications. Food TechnolBiotechnol. 47(2):107-124.

10. Cirne DG, Lehtomaki A, Bjornsson L, Blackall LL (2006) Hydrolysis and microbial 
community analyses in two-stage anaerobic digestion of energy crops. J  Appl 
Microbiol. 103:516-527.

11. Davison A, Blaxter M (2005) Ancient origin of glycosyl hydrolase family 9 cellulase 
genes. M ol Biol Evol. 22(5):1273-1284.

12. Dien BS, Hespell RB, Ingram LO, Bothast RJ (1997) Conversion of corn milling 
fibrous co-products into ethanol by recombinant Escherichia coli strains KO11 and 
SL40. World J. Microbiol. Biotechnol. 13:619-625.

13. Doi RH (2008) Cellulases of mesophilic microorganisms: cellulosomes and 
noncellulosome producers. Ann N.Y. AcadSci. 1125:267-279.

14. Dumsday GJ, Zhou B, Yaqin W, Stanley GA, Pamment NB (1999) Comparative 
stability of ethanol production by Escherichia coli KO11 in batch and chemostat 
culture. J  Ind Microbiol Biotechnol. 23:701-708.

15. Elmsley AM (2008) Cellulosic ethanol re-ignites the fire of cellulose degradation. 
Cellulose. 15:187-192.

16. Fields MW, Mallik S, Russell JB (2000) Fibrobacter succinogenes S85 ferments ball- 
milled cellulose as fast as cellobiose until cellulose surface area is limiting. Applied 
MicrobiolBiotechnol. 54:570-574.

17. Fortman JL, Chhabra S, Mukhopadhyay A, Chou H, Lee TS, Steen E, Keasling JD 
(2008) Biofuel alternatives to ethanol: pumping the microbial well. Trends in 
Biotechnol. 26(7): 375-381.



24

18. Gama FM, Teixeira JA, Mota M (1994) Cellulose morphology and enzymatic 
reactivity: a modified solute exclusion technique. BiotechnolBioeng. 43(5):381-387.

19. Gonzalez-Pombo P, Perez G, Carrau F, Guisan JM, Batista-Viera F, Brena BM 
(2008) One-step purification and characterization of an intracellular ̂ -glucosidase 
from Metschnikowiapulcherrima. Biotechnol Lett. 30: 1469-1475.

20. Guevara C, Zambrano MM (2005) Sugarcane cellulose utilization by a defined 
microbial consortium. FEMS Microbiol Lett. 255:52-58.

21. Han SO, Cho HY, Yukawa H, Inui M, Doi RH (2004a) Regulation of expression of 
cellulosomes and noncellulosomal (hemi)cellulolytic enzymes in Clostridium 
cellulovornas during growth on different carbon sources. JBacteriol. 186(13):4218- 
4227.

22. Han SO, Yukawa H, Inui M, Doi RH (2004b) Isolation and expression of the xynB 
gene and its product, XynB, a consistent component of the Clostridium cellulovorans 
cellulosome. J  Bacteriol. 186(24):8347-8355.

23. Haruta S, Cui Z, Huang Z, Li M, Ishiii M, Igarashi Y (2002) Construction of a stable 
microbial community with high cellulose-degradation ability. Appl Microbiol 
Biotechnol. 59:529-534.

24. Hayashi N, Sugiyama J, Okano T, Ishihara M (1998) The enzymatic susceptibility of 
cellulose microfibrils of the algal-bacterial type and the cotton-ramie type. Carbohydr 
Res. 305:261-269.

25. Hoekman SK (2009) Biofuels in the U. S.— Challenges and Opportunities.
Renewable Energy. 34:14-22.

26. Hu ZH, Liu SY, Yue ZB, Yan LF, Yang MT, Yu HQ (2008) Microscale analysis of 
in Vitro anaerobic degradation of lignocellulosic wastes by rumen microorganisms. 
Environ Sci Technol. 42:276-281.

27. Hu ZH, Yu HQ (2006) Anaerobic digestion of cattail by rumen cultures. Waste 
Manag. 26:1222-1228.

28. Hutnan M, Drtil M, Mrafkova L (2000) Anaerobic biodegradation of sugar beet pulp. 
Biodegradation. 11:203-211.

29. Kasuya N, Wada I, Shimada M, Kawai H, Itabashi H (2007) Effect of presence of 
rumen protozoa on degradation of cell wall constituents in gastrointestinal tract of 
cattle. Anim Sci J. 78:275-280.

30. Kato S, Haruta S, Cui ZJ, Ishii M, Igarashi Y (2004) Effective cellulose degradation 
by a mixed-culture system composed of a cellulolytic Clostridium and aerobic non- 
cellulolytic bacteria. FEMS Microbiol Ecol. 51:133-142.

31. Kenyon WJ, Esch SW, Buller CS (2005) The curdlan-type exopolysaccharide 
produced by Cellulomonas flavigena KU forms part of an extracellular glycocalyx 
involved in cellulose degradation. Antonie van Leeuwenhoek. 87:143-148.



25

32. Konig H (2006) Bacillus species in the intestine of termites and other soil 
invertebrates. J  Appl Microbiol. 101:620-627.

33. Lynd LR, Weimer PJ, van Zyl WH, Pretorius IS (2002) Microbial Cellulose 
Utilization: Fundamentals and Biotechnology. Microbiol M ol Biol Rev. 66(3):506- 
577.

34. Moorhead DL, Sinsabaugh RL (2006) A theoretical model of litter decay and 
microbial interaction. Ecological Monographs. 76:151-174.

35. Moser F, Irwin D, Chen S, Wilson DB (2008) Regulation and characterization of 
Thermobifida fusca  carbohydrate-binding module proteins E7 and E8. Biotechnol 
Bioeng. 100(6):1066-1076.

36. Murashima K, Kosugi A, Doi RH (2003) Synergistic effects of cellulosomal xylanase 
and cellulases from Clostridium cellulovorans on plant cell wall degradation. J  
Bacteriol. 185(5):1518-1524.

37. Murashima K, Kosugi A, Doi RH (2002) Synergistic effects on crystalline cellulose 
degradation between cellulosomal cellulases from Clostridium cellulovorans. J  
Bacteriol. 184(18):5088-5095.

38. O’Sullivan CA, Burrell PC (2006) The effect of media changes on the rate of 
cellulose solubilisation by rumen and digester derived microbial communities. Waste 
Manag. 27:1808-1814.

39. O’Sullivan CA, Burrell PC, Clarke WP, Blackall LL (2005) Structure of a cellulose 
degrading bacterial community during anaerobic digestion. Biotechnol Bioeng. 
92(7):871-878.

40. Peterson JD, Ingram LO (2008) Anaerobic respiration in engineered Escherichia coli 
with an internal electron acceptor to produce fuel ethanol. Ann N.Y. Acad Sci. 
1125:363-372.

41. Schofield P, Pitt RE, Pell AN (1994) Kinetics of fiber digestion from in vitro gas 
production. JAnim  Sci. 72:2980-2991.

42. Schulz MJ, Thormann MN (2005) Functional and taxonomic diversity of saprobic 
filamentous fungi from Typha latifolia from Central Alberta, Canada. Wetlands. 
25(3):675-684.

43. Schwarz WH (2001) The cellulosome and cellulose degradation by anaerobic 
bacteria. Appl Microbiol Biotechnol. 56:634-649.

44. Shoda M, Sugano Y (2005) Recent advances in bacterial cellulose production. 
Biotechnol Bioprocess Eng. 10:1-8.

45. Singh P, Suman A, Tiwari P, Arya N, Gaur A, Shrivastava AK (2008) Biological 
pretreatment of sugarcane trash for its conversion to fermentable sugars. World J  
Microbiol Biotechnol. 24:667-673.



26

46. Stanhope MJ, Lupas A, Italia MJ, Koretke KK, Volker C, Brown JR (2001) 
Phylogenetic analyses do not support horizontal gene transfer from bacteria to 
vertebrates. Nature. 411:940-944.

47. Taherzadeh MJ, Karimi K (2008) Pretreatment of lignocellulosic wastes to improve 
ethanol and biogas production: a review. Int J  M ol Sci. 9:1621-1651.

48. Tanaka M, Ikesaka M, Matsuno R (1988) Effect of pore size in substrate and 
diffusion of enzyme on hydrolysis of cellulosic materials with cellulases. Biotechnol 
Bioeng.

49. Teeri TT (1997) Crystalline cellulose degradation: new insight into the function of 
cellbiohydrolases. Tibtech. 15:160-167.

50. Tokuda G, Lo N, Watanabe H (2005) Marked variations in patterns of cellulase 
activity against crystalline- vs. carboxymethyl-cellulose in the digestive systems of 
diverse, wood-feeding termites. PhysiolEntomol. 30:372-380.

51. Tomas-Pejo F, Oliva JM, Ballesteros M, Olsson L (2008) Comparison of SHF and 
SSF processes from steam-exploded wheat straw for ethanol production by xylose- 
fermenting and robust glucose-fermenting Saccharomyces cerevisiae strains. 
Biotechnol Bioeng. 100(6):1122-1131.

52. Warnecke F, Luginbuhl P, Ivanova N, Ghassemian M, Richardson TH, Stege JT, et al 
(2007) Metagenomic and functional analysis of hindgut microbiota of a wood-feeding 
higher termite. Nature Lett. 450:560-565.

53. Weimer PJ, Hackney JM, Jung HJG, Hatfield RD (2000) Fermentation of a bacterial 
cellulose/xylan composite by mixed ruminal microflora: implications for the role of 
polysaccharide matrix interactions in plant cell wall biodegradability. J  Agric Food  
Chem. 48:1727-1733.

54. Wenzel M, Schonig I, Berchtold M, Kampfer P, Konig H (2002) Aerobic and 
faculatively anaerobic cellulolytic bacteria from the gut of the termite Zootermopsis 
angusticollis. J  Appl Microbiol. 92:32-40.

55. Wu JHD, Orme-Johnson WH, Demain AL (1988) Two components of an 
extracellular protein aggregate of Clostridium thermocellum together degrade 
crystalline cellulose. Biochem. 27:1703-1709.

56. Wyman CE (2007) What is (and is not) vital to advancing cellulosic ethanol. Trends 
Biotechnol. 25(4):153-157.

57. Zverlov VV, Velikodvorskaya GA, Schwarz WH (2002) A newly described 
cellulosomal cellobiohydrolase, CelO, from Clostridium thermocellum: investigation 
of the exo-mode of hydrolysis, and binding capacity to crystalline cellulose. 
Microbiol. 148:247-255.

58. Zverlov VV, Velikodvorskaya GA, Schwarz WH, Kellermann J, Staudenbauer WL 
(1999) Duplicated Clostridium thermocellum cellobiohydrolase gene encoding 
cellulosomal subunits S3 and S5. Appl Microbiol Biotechnol. 51:852-859.



27

2.10 Figures

Bacterial Cell

Figure 2.1 Example of a hypothetical cellulosome. The scaffoldin is in light gray, and the 

enzyme components in dark gray. Reprinted from Schwarz, 2001.
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CHAPTER 3. Cellulose Degrading Microorganisms in Alaskan Boreal Forest Soil1

3.1 Abstract

Cellulose-utilizing fungi and bacteria in the organic horizon of an Alaskan boreal forest 

soil were identified using DNA stable isotope probing (DNA-SIP). Soil microcosms

13were incubated with 13C-labeled cellulose and destructively harvested over a time course

13of 7-28 days. C-labeled DNA was separated from unlabeled DNA through density 

gradient centrifugation and was subjected to community analyses using terminal- 

restriction fragment length polymorphism (T-RFLP) and 16S rRNA gene clone libraries 

for bacteria, fungal-automated rRNA intergenic spacer analyses (F-ARISA), and ITS 

gene clone libraries for fungi. Fungi appeared to dominate carbon acquisition for growth 

from cellulose. Despite being in a plant-free environment, a possible mycorrhizal 

Sebacina sequence was clearly the most prevalent found in fungal ITS clone libraries, 

with Geopyxis and Geomyces following. The most abundant bacterial cellulose utilizers 

detected were members of the family Acidobacteriaceae or order Sphingobacteriales, and 

several unclassified Bacteria, including the known cellulose degrader Cellvibrio were 

abundant. Bacterial colonizers of buried birch tongue depressors (BTDs) shared some 

taxa in common with SIP results, but fungal BTD colonizers differed completely from 

those identified with SIP. Using SIP, we have identified a variety of soil microorganisms 

active in cellulose utilization, either directly or indirectly. These findings are significant

1 Kelsie M. E. Stone, Mary Beth Leigh, D. Lee Taylor, David Valentine, Sarah A. Runck. To be subm itted 
for publication in ISME Journal.
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for understanding fundamental ecosystem carbon cycling and may have application to 

cellulosic biofuel production technologies.
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3.2 Introduction

Cellulose is the most common organic compound on Earth, making its turnover 

vital to global carbon cycling. Cellulose degradation has received increased attention 

recently due to interests in developing efficient cellulosic biofuel production 

technologies. Although cellulose degradation is a common phenomenon, only a small 

proportion of bacteria and fungi are known to be capable of cellulolytic activity. Fungi 

are considered the dominant decomposers of cellulosic biomass (Schulz and Thormann, 

2005), with the most well-known cellulose degraders being white-rot and brown-rot fungi 

(Baldrian and Valaskova, 2008; Yoon et al, 2007). Typically, aerobic cellulolytic fungi 

are found in soils, decomposing plant materials and agricultural wastes. Aerobic 

cellulolytic bacteria have also been found in soil, leaf litter, water, plant materials and 

humus (Doi, 2008).

Most cellulose degradation studies have been restricted to culture-dependent 

methods. Because very few bacteria and fungi can currently be grown in laboratory 

conditions, there are likely many organisms in the environment involved in cellulose 

degradation yet to be discovered. Hence, culture-dependent studies are unable to 

determine which organisms are true cellulose degraders and utilizers in the natural 

environment. Thus, it remains unknown exactly which microorganisms are capable of 

utilizing cellulose in many environments. The identification of cellulose-utilizing 

organisms could provide valuable insights into the mechanisms controlling carbon 

cycling, and the identification of novel cellulolytic organisms could be useful in 

overcoming limitations to biofuel production technologies.
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Stable isotope probing (SIP) is a culture-independent method that can enable the 

taxonomic identification of microorganisms actively involved in carbon acquisition from 

the metabolism of an isotopically labeled compound of interest. SIP has proven valuable 

in identifying which microorganisms are capable of degrading a variety of organic

13compounds (Prosser et al, 2006; Madsen, 2006). SIP involves incubating a C-labeled 

compound with an environmental sample, during which time organisms that derive 

carbon from the substance incorporate it into their DNA, RNA or fatty acids (Evershed et 

al, 2006; Friederich, 2006; Whiteley et al, 2006). In the case of DNA- and RNA-based

13SIP, C-labeled nucleic acids are separated from unlabeled nucleic acids by isopycnic 

centrifugation. To the best of our knowledge, SIP has only been performed on 

cellulolytic bacteria in one prior study in France (Haichar et al, 2007) and for cellulolytic 

fungi only once quite recently in Australia (Bastias et al, 2009).

The objectives of this study were to identify cellulose-utilizing microorganisms in 

Alaskan boreal forest soil. Boreal forest soils are home to a large portion of the world’s 

carbon stocks (Fuchs et al, 2009), and are also located in high latitudes that are 

experiencing rapid climate change. Identifying the organisms involved in cycling of 

organic matter may provide valuable insights into mechanisms of these processes. 

Because little is known about cellulose degraders in the environment, including boreal 

forest soils, microorganisms we identify may be valuable to future cellulosic biofuel 

production technologies. To accomplish these goals we used molecular fingerprinting 

methods in order to document community profiles, which allowed us to construct a more 

complete picture of the community profile over the sampling period for SIP. Clone



32

libraries were also constructed in order to identify the dominant microorganisms present 

in each SIP sample.

Because of the limitations of both culture bias and current knowledge about 

boreal forest soil microbial communities, we predict that SIP will reveal a number of 

bacteria and fungi previously unknown to play a role in cellulose decomposition in soils.

13We anticipated that with increased incubation time, 13C originating from cellulose would 

flow through the soil microbial community, potentially revealing insights into the 

microbial food web. In order to compare SIP to more common methods for studying 

lignocellulose degradation, we compared organisms identified using cellulose SIP with 

those detected with clone libraries constructed directly from microorganisms colonizing 

buried birch tongue depressors (BTDs). BTDs are often used to quantify decomposition 

rates in soils and may provide an economical method of determining the diversity of 

wood degraders in soil.

3.3 Materials and methods

3.3.1 Soil and Birch Tongue Depressor samples

Soil was collected from the Bonanza Creek Long Term Ecological Research site 

(BNZ LTER) located in the boreal forest of interior Alaska, near Fairbanks, at 

coordinates 64 41' 43.63" 148 21' 20.38" (Site UP2A) on November 8, 2007, and stored 

at 4°C for four months before use in the SIP experiment. The LTER site has a mean 

average air temperature of -3.3°C, with extremes of -50°C to +35°C. The average annual 

precipitation in Fairbanks is 269 mm, with most precipitation in summer months and
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approximately 35% of the annual precipitation as snow

(http://www.lter.uaf.edu/bnz_climate.cfm). Site UP2A is an upland site of densely mixed 

white spruce, paper birch, balsam poplar and aspen. The density of trees species (per 

hectare) in 1993 was: 1675 paper birch, 1492 white spruce, 192 balsam poplar and 17 

aspen (http://www.lter.uaf.edu/site.cfm?site_pkey=35). Soil gathered was obtained from 

the organic horizon at one site in UP2A and contained bits of leaf litter, and humic 

material, as well as roots. This soil was used to construct microcosms for SIP 

experiments without the intentional removal of any roots or other organic material.

The Birch Tongue Depressors (BTDs) used in this study were buried in the 

forest floor at multiple locations throughout BNZ LTER UP2A site and recovered after 

12 months as part of a separate study of decomposition rates (Runck, 2008). At 

collection, BTDs were scraped to remove adhering soil and stored at -20°C prior to 

subsampling. Clippings were taken from each rounded corner of the BTDs for microbial 

community analysis with garden clippers that were ethanol- and flame-sterilized between 

each cutting. These clippings were stored at -20°C in sterile plastic bags until further 

analyses.

3.3.2 Stable isotope probing microcosms

Microcosms were set up in sterile 165 mL glass serum bottles by mixing 0.05

13grams of C cellulose with a composite of 2.5 grams of organic horizon soil from the soil 

collected at test site UP2A. Two replicate microcosms were prepared and destructively

13harvested for each time period. All measurements of soil and 13C-cellulose were

http://www.lter.uaf.edu/bnz_climate.cfm
http://www.lter.uaf.edu/site.cfm?site_pkey=35
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completed aseptically. Approximately 600 |iL of nuclease-free water was added to each 

microcosm to achieve a final soil moisture content of approximately 37%. The bottles 

were sealed with a Teflon stopper and aluminum crimp top. Microcosms were then 

placed at room temperature (23 °C) in the dark to incubate until harvesting. An aliquot of

13soil without 13C cellulose added was placed directly into a sterile falcon tube and frozen 

at -80°C to serve as the time zero (T0) sample for comparison with incubated samples. At 

the time of harvest for each microcosm, a 1-mL headspace gas sample was collected 

through the Teflon stopper with a sterile needle and syringe, which was then injected into 

an airtight gas sampling tube (12 mL) previously purged with ambient lab air at the same 

time microcosms were sealed. Harvests were made at 7, 14, 21 and 28 days (T7, T14, 

T21, and T28 respectively) with sterile tools, and the soil samples were stored in a Falcon 

tube at -80°C until further analysis.

3.3.3 Isotopic analyses o f  headspace gas samples

The 5 13C was determined for headspace CO2 gas samples using a Thermo 

Finnigan GasBench II carbonate analyzer with a DeltaPlusXP Mass Spectrometer. 

Reactions were run at 70°C with a He flow rate of 120 mL/min and a GC oven temp of 

50°C. Samples were first placed into clean exetainer tubes, with NIST and IAEA 

standards being placed in round bottom exetainer tubes. Standard sample tubes were 

purged for 20 minutes with UHP Helium, then 0.2 mL of 85% H3PO4 was manually 

added by syringe through the septum in the lid of the tubes. CO2 gas samples were 

analyzed as is, with no headspace flushing or acid addition. Headspace gases were then
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transferred to the GasBenchII where the water was removed through a nafion dryer. CO2 

was separated chromatographically from other gases present and transferred to the 

isotope ratio mass spectrometry (IRMS), where the isotopes of oxygen and carbon were

18 13measured. 5 OPDB and 5 CPDB values are reported in reference to international isotope 

standards. Quality control measures were taken by analyzing a blank every twenty 

samples. The laboratory working standard was Calcium Carbonate (Merck, Suprapur, 

99.95% Lot # B510959 313).

3.3.4 Soil and Birch Tongue Depressor DNA extraction

Soil DNA extractions were done with the Bio101 Fast DNA Spin Kit for soil (MP 

Biomedicals, Solon, Ohio). Approximately 0.35 g fresh weight of soil from a composite 

sample was used for each soil DNA extraction. BTD DNA extractions were performed 

with Mo Bio PowerSoil DNA extraction kit (MO BIO Laboratories, Inc, Carlsbad, 

California). Between 0.05 and 0.10 grams of BTD clippings, first cut into small pieces 

using a sterile razor blade, were used for each extraction. Extractions were performed 

following kit instructions, except that instead of vortexing, BTDs with MoBio beads and 

buffer (Lysing Matrix E, Sodium Phosphate Buffer and MT Buffer; MP Biomedicals, 

LLC, Solon, Ohio) were more vigorously shaken using a FastPrep Mini-beadbeater 

instrument (BioSpec Product Inc., Bartlesville, Oklahoma).
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3.3.5 13C-DNA isolation

Equilibrium (isopycnic) density gradient centrifugation was performed on the

13DNA extracted from soil samples in order to separate the C-DNA from the native

12(predominantly C) DNA. A solution of cesium trifluoroacetate (CsTFA) and sterile 

water was added until it reached a buoyant density (BD) of approximately 1.60 g/mL.

BD was measured gravimetrically by pipetting a known volume onto an analytical 

balance. This solution was placed into 5.1 mL volume Beckman Quick Seal 

ultracentrifuge tubes (part number 342412), then equal volumes of DNA extract were 

added to each tube to total 3.0 |ig of DNA per gradient. Gradients were produced by 

centrifugation for 3 days (72 hours) in a Beckman-Coulter Optima L-100 XP 

Ultracentrifuge using a NVT-100 rotor at 134260 g (45600 rpm) at 25°C. Gradients were 

fractionated into twenty fractions of 250 |iL each. Two gradients containing equivalent 

volumes of water rather than DNA sample were fractionated and density measured in 

order to determine the density of each fraction for other gradients run in parallel. DNA 

was precipitated from fractions containing DNA using isopropanol and resuspended as 

previously described (Leigh et al, 2007).

3.3.6 Quantitative, real-time PCR

In order to determine the distribution of DNA in density gradients and locate

13which fractions contained bacterial and/or fungal C DNA, quantitative PCR (qPCR) 

was performed on every fraction in duplicate. Universal 16S rRNA gene primers 1108F 

(TTGCCAGCGCGTCATG) (Amman et al, 1995) and 1132R
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(GCTCGATCCCATATTATCCATG) (Wilmotte et al, 1993) were used for bacterial 

qPCR, while primers ITS1F (CAAACTTGGTCATTTAGAGGAAGTAA) (Gardes and 

Brunes, 1993) and 5.8S (CGCTGCGTTCTTCATCG) (Vilgalys and Hester, 1990) were 

used for fungal qPCR. Relative quantity of bacterial or fungal DNA was determined in 

relation to standard curves (10 ng, 1 ng, 0.1 ng and 0.01 ng), consisting of genomic DNA 

extracted from pure cultures of Burkholderia xenovorans LB400 for bacteria or 

Saccharomyces cerevesiae for fungi. After qPCR was performed and fractions

13containing C-labeled DNA were identified, the series of fractions containing heavy 

DNA from the same gradient were pooled for downstream analyses. In parallel, the same 

series of fractions from the T0 gradient were also pooled and analyzed in order to identify 

any background DNA contamination present throughout gradients.

3.3.7 T-RFLP analyses

Terminal restriction-fragment length polymorphism (T-RFLP) analysis was 

performed on bacterial 16S rRNA gene PCR products obtained from total soil DNA, 

heavy density gradient fractions (T0, T7, T14, T28) and the pooled DNA extracts of ten 

different BTDs. Pseudomonas stutzeri was run as a control to verify complete digestion. 

PCR products were generated using FAM-labeled 27F (Johnson, 1994) and 1392R 

(Johnson, 1994) primers, and digestion was performed using the restriction enzyme HhaI. 

Digestion and precipitation were performed as previously described (Leigh et al, 2007). 

Pellets were resuspended in 1.0 |iL H20, and mixed with 0.5 |iL of Rhodamine (ROX)

500 ladder (Applied Biosystems) and 9.5 |iL of deionized formamide, then run on an ABI
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3100 Genetic Analyzer with, Dye set D (6-FAM, VIC, NED, and ROX) on a 50 cm array 

with a 9000 run time. Tentative taxonomic identification of T-RFs was performed using 

in silico digestion of 16S rRNA gene sequence data from corresponding clone libraries as 

described later.

3.3.8 Fungal ARISA analyses

For fungal automated rRNA intergenic spacer analyses (F-ARISA), PCR products 

were generated using ITS1-F-FAM and reverse primer ITS4. Five microliters of PCR 

product was dried and resuspended in 1.0 pE of nuclease-free H20, then combined with

9.5 pE of formamide and 0.5 pL of MapMarker® 1000 ROX labeled DNA ladder 

(BioVentures, Inc.). The samples were run on an ABI 3100 Genetic Analyzer with the 

same run conditions as previously described for T-RFLPs. To identify peaks, F-ARISA 

was also performed using individual clones representing the most frequently detected 

sequences in clone libraries BTD, TC, and 13C-DNA libraries T14 and T28. Out of those 

four libraries, fourteen sequenced clones were used as peak identifiers. Clones 

corresponding to Geomyces vinaceus, Geomyces pannorum , Mortierella gamsii, Xylaria, 

Exidiaceae, Gloeopeniophorella, Ceratobasidium, Unclassified Helotiaceae, Geopyxis, 

Unclassified Basidiomycota, Sebacina, Epichloe baconii, Hygrophorus and 

Phaeococcomyces were all run individually in order to determine the amplicon length 

(bp) of each organism’s ITS region. 13C-DNA at T0, T7, T14, T21 and T28, along with 

DNA extract from TC soil and the mixed DNA extracts of ten BTDs, were run in order to
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identify the known peaks in all time periods. Taxonomic identification was performed 

using ITS gene identifications from clone libraries described below.

3.3.9 16S rRNA gene and ITS DNA gene sequence analyses

Cloning and sequence analyses were performed on DNA samples T0, T14, T28 

(heavy DNA), BTD and total soil community (TC) for both bacterial and fungal 

community composition. Portions of the 16S rRNA gene were used to taxonomically 

identify bacteria while the internal transcribed spacer region (ITS) was used for fungal 

sequence matching. PCR was performed using the same conditions as for T-RFLPs for 

bacteria except with the primers 27F and 529R (Fields et al, 2006). For fungi, primers 

ITS1-F (CTTGGTCATTTAGAGGAAGTAA) (Gardes and Bruns, 1993) and ITS4 

(TCCTCCGCTTATTGATATGC) (White et al, 1990) were used with thermocycler 

conditions of: 95°C for 2 m, 25 cycles of 94°C for 30 s, 56°C for 40 s, and 72°C for 3 m, 

with a final extension at 72°C for 10 m. Replicate PCR reactions were prepared from 

each sample and combined to ensure that 100 ng of DNA after purification could be used 

for the cloning process. PCR purification was performed using the Qiaquick PCR 

purification kit (Qiagon, Valencia, CA, USA). Immediately prior to cloning, a 3’ poly A 

tail was added to all samples by incubating 25 pL reactions consisting of 20 pL purified 

amplicon, 25 pmol dATP, 0.5 U taq DNA polymerase and 75 pmol MgCl2 in 1X taq 

buffer at 72°C for 10 minutes. Cloning was performed with a TOPO-TA pCR4 vector kit 

for sequencing for both bacteria and fungi. Successful clone libraries for both fungi and 

bacteria were completed for heavy DNA samples T14 and T28, the pooled DNA of ten
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BTDs and total soil DNA from time zero. Clone libraries were screened to verify the 

presence and size of insert using PCR with primers M13F

(GGTGTAAAACGACGGCCAGT) and M13R (GGCAGGAAACAGCTATGACC) and 

analyzed using gel electrophoresis. Clone libraries were attempted for heavy fractions 

from time zero DNA to test for the presence of background contaminating DNA. A T0 

‘heavy’ clone library was produced for bacterial 16S rRNA genes, but not for fungal ITS.

Plasmid purification followed by single extension Sanger sequencing with primer 

27F for bacteria or ITS1-F for fungi was performed by Macrogen, Inc. (Seoul, Korea). 

Ninety-six clones each for bacterial and for fungal libraries were sequenced. Resulting 

sequences were processed using the Ribosomal Database Project II (RDPII) pipeline 

(www.rdp.cme.msu.edu/) with base-calling by PHRED using a cutoff of Q20, with 

quality trimming and vector removal done by LUCY and a minimum sequence length of 

200 bp for further analyses. The sequences were phylogenetically identified using RDPII 

Classifier and Sequence Match. Taxonomic assignments scoring less than 80% 

confidence in RDP Classifier were considered unclassified at that taxonomic level. T0 

heavy DNA was sequenced in order to determine which sequences were present as

13contamination in the density gradient in order to eliminate them from C DNA libraries.

13Bacterial sequences from C-DNA that shared > 99% sequence identity with sequences 

detected as background contaminants were identified using MOTHUR v. 1.4.0, (Schloss 

and Handelsman, 2006a; Schloss and Handelsman 2006b, Schloss and Handelsman,

2005; Schloss et al, 2004), and omitted from further analyses.

http://www.rdp.cme.msu.edu/
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Fungal sequences with less than 200 bp were deleted before subsequent analyses 

using CodonAligner, which resulted in 19 deletions. Using CodonAligner, Phred quality 

scores were exported, and a Perl script on the Life Science Informatics website was used 

to insert Ns for all bases with a Phred score below 20. Sequences were trimmed at the 

beginning and end using the EMBOSS program TrimSeq (http://imed.med.ucm.es/cgi- 

bin/emboss.pl?_action=input&_app=trimseq). All sequences that were shorter than 200 

bps or had fewer than 50 Phred scores > 20 were deleted. Fungal sequences were then 

grouped together into operational taxonomic units (OTUs) at 97% sequence identity 

using the sequence assembly program CAP3 (Huang and Madan, 1999) on the University 

of Alaska’s Life Sciences Informatics website. Singletons were examined in BioEdit 

Sequence Alignment Editor 7.0.9.0 and deleted if they contained greater than 2% Ns, 

resulting in 36 more deletions. Fungal taxonomic identifications were assigned based on 

percent similarity with nearest matches on GenBank, using cutoffs of 97-100% for 

species, 92-96.99% for genus, 88-91.99% for family, and similarities of 87.99% and 

below for phylum level assignments. The length of the sequence match was also 

considered, such that OTUs with less than a 200 bp match to its nearest matching 

GenBank entry were conservatively assigned only to the phylum level.

3.4 Results

133.4.1 C-cellulose incorporation

13 13Excess CO2 was detected in the headspace of the C-cellulose amended

13microcosms at all time periods tested, as evidenced by increased 5- C VPDB (o/oo)

http://imed.med.ucm.es/cgi-
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during incubation in comparison to analyses of initial values (Table 3.1), indicating that 

labeled cellulose was being actively metabolized.

qPCR of density gradient fractions targeting fungal ITS indicated that by day 7, 

there were substantially higher amounts of DNA present in heavy fractions than present 

in equivalent fractions from T0 (unlabeled) soil DNA (Figure 3.1). A separate peak of 

fungal DNA was clearly apparent in the heavy fractions and increased in size relative to 

the unlabeled DNA with increased incubation time. In contrast, bacterial 16S rRNA 

labeling was less pronounced. Slight shoulders on unlabeled bacterial DNA peaks 

extending into the heavier fractions were evident at 21 and 28 day time points.

13Based on qPCR data, fractions containing heavy ( C-labeled) DNA spanned the 

buoyant density range of 1.581-1.605 g/mL (Figure 3.1). Heavy DNA fractions were 

pooled for each time point and then used for subsequent community analyses, with heavy 

DNA from both replicate microcosms being combined in order to gather the most 

complete view of the microbial community. T0 heavy samples were treated as

13background heavy DNA, and any sequences detected in this sample plus C-DNA 

samples were omitted from further analyses.

3.4.2 Bacterial T-RFLP analyses

Six terminal-restriction fragments (T-RFs) were detected in heavy fractions from 

unincubated SIP samples (T0), which may represent background DNA contamination in 

the density gradients (Figure 3.2). These peaks were also present in the total community 

(TC) and many incubated samples from T7, T14, T21, and T28 and so may represent
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contaminants rather than C-labeled DNA, although individual peaks can include 

multiple taxa. Multiple terminal-restriction fragments (T-RFs) in heavy fractions 

appeared over the course of the incubation (T7-T28) that did not appear in our control 

(heavy T0) (Figure 3.2). This indicates an increase in the richness of microorganisms that

13have obtained C from cellulose over time, either directly through cellulose metabolism 

or indirectly through utilization of metabolites or secondary feeding. Ignoring those 

peaks found in heavy T0, we see eight additional peaks appearing in heavy T7, nine 

additional peaks in heavy T14 and T21, and 11 peaks appear in heavy T28.

Thirteen total peaks were found in BTD that were also found in most heavy SIP 

samples but no identified T-RF was unique to BTD T-RFLPs. However, there is a large

13unidentified peak around 260 bps in the BTD profile which was not found in any C -SIP 

sample. The BTD profile contained a subset of the eighteen peaks which we were able to 

identify using our clone libraries.

Terminal-restriction fragment (T-RFs) base pair (bp) lengths were determined 

using in silico digestions of clone library sequences, and were then compared to classifier 

results and matched to bp length in T-RFLPs (Figure 3.2), resulting in eighteen peaks 

matched to one or more possible bacteria, including Dyella, Opitutus, and Sphingomonas.

3.4.3 Fungal ARISA analyses

Using individual clones from the four fungal clone libraries sequenced (BTD, TC, 

T14 and T28), we were able to identify ARISA peaks corresponding to fourteen 

taxonomically identified organisms. Clones corresponding to peaks d, f, i, k, m and n all

13
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produced two peaks for each sample. These peaks were both dominant peaks 

approximately the same height; and if either peak was found in ARISA profiles, they

13were labeled accordingly. The profile from C-DNA T0 contained very few background 

peaks. This suggests a low quantity of contaminating fungal DNA in heavy fractions, 

and is consistent with our inability to produce a clone library from T0 heavy fractions. 

ARISA from TC shows a variety of fungal organisms to be present in the soil

13community, some of which also appear in some C samples. Peak g, corresponding to 

Ceratobasidium (peak g), appeared most frequently in ARISA results, with a noticeable 

peak in all samples except for T14. Peak k was also found in most samples, except for

13T0, suggesting that it had been active in C-cellulose utilization, and is also an abundant 

member of the fungal community on BTDs and in the TC.

3.4.4 Bacterial and fungal clone libraries.

Rarefaction curves from MOTHUR for all bacterial clone libraries indicated that 

we did not obtain a complete sampling of all organisms present. Slopes were still 

exhibiting a positive linear trend with our library size of 96 clones. Using MOTHUR, 

Chao 1 richness estimations were calculated with the following results: (at 95%) 222 for 

BTD, 239 for T0, 290 for T14, 216 for T28 and 362 for TC.

MOTHUR was also used to compare all bacterial clone library sequences, to 

identify sequences with 99% similarity. When sequences in heavy T14 or T28 DNA 

were determined to be > 99% similar to sequences detected in heavy T0 fractions, these 

sequences were considered background contamination and were omitted from all
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subsequent analyses, including Table A.1. This resulted in the exclusion of four and six 

sequences from T14 and T28 libraries, respectively.

13The most prevalent bacterial clones from C-DNA at T14 and T28 were 

identified as unclassified Sphingobacteriales, Rhizobiales, Actinobacteria, 

Gammaproteobacteria, Polyangiaceae and Alphaproteobacteria. The nearest named 

matches using RDP Sequence Match included members of the genera Cellvibrio, 

Opitutus, and Sphingobacterium. The BTD bacterial library contained several of the 

most abundant families that also appeared in T14 and T28, including 

Sphingobacteriaceae, Burkholderiaceae, Flavobacteriaceae, Oxalobacteraceae, and 

Rhizobiaceae, as well as unclassified clones from the orders Sphingobacteriales and 

Rhizobiales.

In a MOTHUR comparison between bacterial libraries BTD, T14 and T28, it was 

found that at 99% similarity, BTD shared four identical sequences with T14 and one 

identical sequence with T28. Of these sequences, one corresponding to Burkholderiales 

Incertae Sedis 5, was removed since it also occurred in T0. The remaining sequences 

were identified as Rhizobiaceae, Duganella, unclassified Burkholderia and Opitutus.

Of the 13 most abundant fungal OTUs present in 13C-DNA T14 and T28 clone 

libraries, only three of those OTUs were also found in the BTD clone library. Of those, 

Phialocephala fortinii and Phialophora appeared the same number of times (2) for T14 

and T28 as in BTD. An unclassified Helotiaceae OTU, which appeared in BTD and T14 

or T28, was a clone which appeared twice in the BTD library, and ten times in T14 and 

T28. Findings specific to the most abundant OTUs in BTD were Gloepeniophorella,
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Phaeococcomyces, Xylaria, Exidiaceae and Peniophora nuda. However, Sebacina, 

Geopyxis, Geomyces, Epichloe, Ceratobasidium, Mortierella, and an unclassified 

basidiomycota OTU were all most abundant in T14 and T28, and not found in the BTD 

clone library. The most frequent fungal clones from total soil community were 

Hygrophorus, Phaeococcomyces, Geomyces vinaceus, Russula, and Volutella. A 

MOTHUR analysis revealed Chao 1 estimates for 97% at 558.0 for BTD, 406.5 for T14,

118.1 for T28, and 301.8 for TC.

3.5 Discussion

13To our knowledge, two C-cellulose SIP studies have been published to date 

(Bastias et al, 2009; Haichar et al 2007). Haichar et al (2007) examined French soil for 

cellulolytic bacteria using DNA-SIP, and found that Dyella, Mesorhizobium  spp., 

Sphingomonas spp., and uncultured Deltaproteobacteria affiliated with Myxobacteria 

derived carbon from cellulose. Our results share commonalities with these findings, 

including the detection of Sphingomonas, Dyella and some uncultured 

Gammaproteobacteria as potential cellulose utilizers. Bastias et al (2009) performed a 

SIP cellulose study which examined the effect of environmental disturbances on forest 

soil fungal communities. Their study was performed using RNA-SIP analyzed with 

DGGE and T-RFLPs to determine how cellulolytic fungi were impacted by repeated 

burning of forests in Australia. Bastias et al (2009) found seven fungal species from 

DGGE analyses that were possible cellulose utilizers: Metarhizium anisopliae (93% 

match), Cryptococcus podzolicus (99%), Monacrosporium sichuanense (83 and 92%),
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Cryptococcus sp. (93%), Cryptococcus humicolus (99) and Monacrosporium 

ellipsosporum (75%), none of which correspond to our findings. Monacrosporium spp. is 

in the family Orbiliaceae, of which we did find one clone from the genus Antrobotrys in 

SIP time T14. Metarhizium spp. is in the family Clavicipitaceae, to which the species 

Epichloe baconii also belongs. Epichloe baconii was one of the most abundant clones 

found in SIP time period T14. Since this study examined forest soil that had been burned 

several times, as well as only examining DGGE and T-RFLP results, their results may not 

be representative of typical cellulolytic fungi, especially those in Arctic soil. While 

Haichar et al (2007) examined only bacterial populations, and Bastias et al (2009) studied 

only fungi, our study examined both bacteria and fungi, but indicated that fungi may have 

dominated cellulose utilization in soil. Our use of clone libraries may have also enabled 

the identification of more of the microorganisms capable of cellulose utilization that may 

not have been detected through DGGE methods used by both prior studies, since low- 

abundance organisms cannot be detected with DGGE due to low band intensity.

3.5.1 Fungi

No well-known white- or brown-rot fungi were detected with SIP in soil 

microcosms. This finding is not surprising, since white- and brown-rot fungi are 

commonly known to be wood-rotting fungi rather than soil inhabitants.

13Members of the genus Geopyxis appeared to derive C-carbon from cellulose. 

Geopyxis carbonaria degrades lignin, and exhibits both decomposing and biotrophic
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potentials (Vralstad et al, 1998). Certain species (Geopyxis carbonaria) are abundant in 

soils postfire in boreal forests (Vralstad et al, 1998).

Some Epichloe species are endophytic symbionts of grasses (Leuchtmann and 

Schardl, 1998), while others are known to be pathogenic (Hamilton et al, 2009).

Epichloe baconii has been found associated with the grasses of subfamily Pooideae 

(Leuchtmann et al, 1994). In Epichloe festuacae, a species that was not found in this 

study, P-1,6-glucanase activities have been identified, although the effects of that protein 

on its host plant are unknown. However, P-1,6-glucanases have been suggested to be 

responsible for degradation of plant host cell walls that occurs during mycoparasitism 

(Djonovic et al, 2006).

Mortierella gamsii is known to be a litter associated fungus (Tiunov and 

Dobrovolskaya, 2002), and is a filamentous fungus common in humic horizons of boreal 

podzols (Summerbell, 2005). Two Mortierella gamsii sequences were also found in our 

TC clone library, and TC F-ARISA contained the peak that corresponded to Mortierella 

gamsii.

Some helotiaceae, Crocireas coronatum, have been found on decaying plant 

stems, with Hymenoscyphus rhodoleucus found in the stalk of a plant (Vralstad et al, 

2002). Three unclassified helotiaceae were found in our TC clone library and the TC F- 

ARISA contained peak(s) that corresponded to unclassified helotiaceae. In general, 

many members of the helotiaceae are plant-associated, as decomposers and/or root 

symbionts. The helotialean ericoid mycorrhizal fungus, Hymenoscyphus ericae, has well
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known capacities to depolymerize proteins, carbohydrates, and even lignin (reviewed in 

Read and Perez-Moreno, 2003).

13Sebacina was the most frequently detected fungal genus in C-DNA from T14 

and T28, comprising approximately 22% of the two libraries sequenced. Sebacinales 

have high ecological and agriculture significance because they exist in a variety of 

mycorrhizal types: ectomycorrhizae, orchid mycorrhizae ericoid mycorrhizae and 

mannicoid mycorrhizae (Sharma et al, 2008; Weiss et al, 2004). Some species from the 

genus Sebacina are not mycorrhizal, and have been found on the base of dead stems, on 

stromatic ascocarps, and growing on plants (Kirschner and Oberwinkler, 2002).

However, our Sebacina sequences were grouped in a mycorrhizal clade of sequences 

found by Weiss et al (2004), suggesting that our Sebacina were both cellulose-degrading 

and mycorrhizal fungi. We also found Sebacina in our TC clone library, although it was

13a different OTU from the Sebacina found in the C clone libraries from T14 and T28. 

This suggests that they are different species of Sebacina, and that the one found in TC 

may not be a cellulose utilizer, as the OTU found in TC was not found in T14 and T28 

SIP results. TC F-ARISA contained a small peak that corresponded to the Sebacina OTU 

from T14 and T28.

Two separate species of Geomyces, G. vinaceus and G. pannorum, were found in 

T14 and T28 as some of the most frequently detected fungal clones. Geomyces is a 

filamentous genus which is ubiquitous and can be active at a range between -35 to 18°C 

(Panikov and Sizova, 2007). G. pannorum  is a fungus that is often found in soil and air 

samples (Gianni et al, 2003), but we were unable to find any literature suggesting that
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any Geomyces species are cellulose degrading. TC fungal clone libraries also contained 

four Geomyces vinaceus, and F-ARISA peaks corresponded to Geomyces vinaceus and 

Geomyces pannorum.

Ceratobasidium species have been found in partially decayed conifer and/or pine 

roots (Menkis et al, 2006), although they were not the most prevalent fungi in that study. 

The Ceratobasidium-Thanatephorus complex also includes several plant pathogens 

(Adams, 1988; Cubeta and Vilgalys, 1997) as well as fungal symbionts to the orchids 

Ceratobasidium cornigerum, Goodyera repens and Spiranthes sinensis (Cameron et al, 

2008; Pannecoucque et al, 2008; Haselwandter et al, 2006; Otero et al, 2005; Uetake and 

Peterson, 1998). TC F-ARISA contained peaks that corresponded to Ceratobasidium, 

although no Ceratobasidium sequences appeared in the TC clone library.

Three OTUs (containing 1, 2, and 6 clones) of unclassified basidiomycota

13sequences were detected in C-labeled DNA from T14 and T28. Basidiomycota are 

common decomposers of litter (Ludley and Robinson, 2008), but due to sequence match 

lengths of less than 200 bps, these sequences can only be classified with confidence to the 

phylum level.

3.5.2 Bacteria

Several bacterial species that derived carbon from cellulose in our study are 

related to well known cellulose degraders or commonly found in compost heaps, while 

others are less well-known and not previously reported to be cellulose degraders.
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There were some well-known cellulose degraders, such as Cellvibrio which 

contains endo- and exo-glucanses (Pires et al, 2004), as well as being a prolific producer 

of cellulases and xylan-degrading enzymes (Millward-Sadler et al, 1995; Nakajima- 

Kambe et al, 2005). Cellvibrio mixtus, which is a saprophytic soil bacterium, can 

degrade cellulose efficiently (Fontes et al, 1998). It is an aerobic soil bacterium and 

contains the endoglucanase CelA (Fontes et al, 1997). Another Cellvibrio, C. gilvus, is 

also a known cellulose degrader (Bott and Kaplan, 1991).

Another abundant bacterium, Sphingomonas, has been shown to be able to 

degrade all components of food waste (Fong and Tan, 2000). It has also been found as a 

cellulose-degrader in the termite gut (Wenzel et al, 2002).

The actinobacteria we found in this study were unclassified, which prevents us 

from determining from other literature what their actual role may be. It is possible that 

the actinobacteria we found in this study are novel species. Most actinobacteria are soil- 

bourne with a wide variety of active secondary metabolites (Haferburg et al, 2008). 

However, literature reveals that some actinobacteria are commonly found in composts 

(Danon et al, 2008; Yu et al, 2007) as well as the termite gut (Schafer et al, 1996) and 

thought to be responsible for lignin degradation, as well as found to be cooperating with 

fungi and other bacteria during later maturing phases in composts (Yu et al, 2007).

13Other bacteria that were present in C-DNA T14 and T28 libraries were 

unclassified a- and y-proteobacteria, which raises the possibility that these are novel 

species. Although the phylum proteobacteria is very diverse, containing a variety of 

species which have many different capabilities, it includes some species that are known
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to be cellulolytic (Cirne et al, 2006; Danon et al, 2008; Ulrich et al, 2008). Some 

unclassified proteobacteria and unclassified a-proteobacteria were also found in our TC 

clone library.

Unclassified members of the family polyangiaceae were also frequently detected

13in C-DNA. There is not much information on cellulose-degrading polyangiaceae, but 

one novel species from this family was described in the suborder Sorangieae, and it was 

shown that at least one member could grow solely on cellulose (Reichenbach et al, 2005).

Other abundant bacteria in our study have not previously been reported to be 

cellulolytic, but most are known to be associated with plant roots and soil samples. 

Sphingobacteriales have been found to colonize roots of wheat, maize, rape and barrel 

clover, as well as integrate newly generated carbon and old carbon from soil organic 

matter into their DNA (Haichar et al, 2008). Sphingobacteriales were also found in our 

TC clone library. Rhizobiales include symbiotic nitrogen fixers in legumes (Ishii et al, 

2008); while some rhizobiales are associated with plant leaf surfaces, others are 

endophytes of some plants (Andreote et al, 2009; Chanprame et al, 1996) or are 

pathogens responsible for crown gall disease (Agrobacterium) (Carle et al, 2008).

An uncultured soil acidobacteria identified in this study had GenBank matches in 

partial 16S rRNA sequence (82.3-96.8%) nearest to sequences cloned from 

environmental soil samples (DQ093903, AB240246, EU192993, EF662846;), including 

some from a rhizosphere sample. It is unknown exactly what role this organism has in 

soil, as it has yet to receive a name or have its 16S rRNA gene fully sequenced.
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Unclassified clones from the genus Opitutus were found in SIP clone libraries. At 

least one species of Opitutus, Opitutus terrae, is a propionate-forming bacterium, which 

uses glucose to produce propionate and acetate; it is found in anoxic rice paddy soil (Chin 

and Janssen, 2002). The genus Duganella, as of 2004, only contained one species, 

Duganella zoogloeoides, which was isolated from a soil sample (Li et al, 2004). Since 

then, it has also been found in Hg and Cl contaminated soils (Mera and Iwasaki, 2007).

13One clone of the uncultured soil acidobacterium that was found in C-DNA libraries T14 

and T28 was also found in the TC library.

3.5.3 BTD microbial community

Many of the most prevalent OTUs of bacteria present in T14 and T28 were also 

some of the most abundant OTUs of bacteria sequenced from the BTDs. Bacteria from 

the genera Sphingobacterium, unclassified bacteria from families sphingobacteriales and 

rhizobiales, as well as unclassified bacteria were found in T14, T28 and BTD. The 

genera Burkholderia and Flavobacterium were more abundant in the BTD than in either 

heavy T14 or T28. Burkholderia have been found on decomposing leaves (McNamara 

and Leff, 2003; Suberkropp and Klug, 1976) and in stream water (Leff, 2000; Lemke and 

Leff, 1997; Lemke and Leff, 1999), stream sediments (McNamara and Leff, 2002), and 

floodplain soil (Leff et al, 2003), with differing metabolic abilities. Some 

Flavobacterium species have been found in glaciers located in China, at least one of 

which was capable of degrading cellulose (Zhu et al, 2003).
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Interestingly, the fungal communities found in heavy T14 and T28 only shared 

one of their most abundant genera with the BTD community—unclassified helotiaceae. 

Gloeopeniophorella, Xylaria, and unclassified exidiaceae were the most abundant clones 

found on the BTD. Gloeopeniophorella is at the base of the ectomycorrhizal russulaceae 

(Larsson et al, 2004), embedded within the russuloid clade, which is dominated by 

corticioid wood decomposers (Jonsson et al, 2008). We were unable to find any studies 

defining the role Gloeopeniophorella itself, but we suspect that it is also a wood-decayer. 

Xylaria speices have been found as a dominant species on decaying wood (Magnolia 

liliifera) in all three successional stages of wood decay (Kodsueb et al, 2008). Xylaria 

has also been shown to cause simultaneous lignin and holocellulose decomposition of 

Camellia japonica  leaf litter in decomposition stage III (Koide et al, 2005). Members of 

exidiaceae have been shown to be white-rot fungi capable of using wood as a nutritional 

source, but in some cases, as with birch wood, engage in selective delignification 

(Worrall et al, 1997).

The differences between microbial community composition associated with BTDs 

versus those identified with cellulose SIP may be due to a number of factors. Being 

composed of whole wood, including lignin, cellulose and other plant compounds, BTDs 

may host a wider range of functional guilds than just cellulose utilizers, partially due to 

possible soil contamination. Since the BTDs were buried in situ, they may have been 

colonized and/or contaminated by organisms not favored in microcosms, such as 

mycorrhizal fungi. It should also be noted that BTDs were not buried in the precise soil 

sample that was used for SIP experiments, but were dispersed throughout the Bonanza
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Creek UP2A LTER site. Due to this wider dispersal, the BTDs were exposed to a greater 

range of soil microbes than our SIP experiment was able to encompass.

3.5.4 Microbial fo o d  web

T-RFLP results (Figure 3.2) suggest that as the SIP time course continued, 

additional peaks appeared that could represent bacterial heterotrophs that are secondary 

metabolite users or slow growing organisms. Peak 3 (possible unclassified 

flavobacteriaceae, unclassified acidobacteriaceae Gp5, unclassified polyangiaceae and/or 

Pedobacter) appears for the first time in T14, as does peak 11 (unclassified 

sphingobacteriales) and peak 15 (Opitutus). This suggests that these peaks may

13correspond to bacteria which are secondary metabolite users or scavengers of other C 

organic material such as dead biomass of labeled organisms.

F-ARISA (Figure 3.3) results also suggest that in later time periods, new peaks 

appeared that could also represent fungi engaged in secondary feeding. F-ARISA peaks 

corresponding to Mortierella gamsii (peak c), Xylaria (peak d), exidiaceae (peak e), 

Geopyxis (peak i), unclassified helotiaceae (peak h), Hygrophorus (peak m), 

Gloeopeniophorella (peak f) and Phaeococcomyces (peak n) all appeared for the first 

time in 13C-DNA T14, T21 or T28. Peaks m, f, and n are all within three base pairs of 

one another; therefore that particular peak is labeled as corresponding to all three, and 

may be one or all of those possible taxa. It should be noted that while Hygrophorus

13appears in several ARISA C DNA samples, it appeared only in the TC clone library. 

Since Hygrophorus is an ectomycorrhizal genus (Pande et al, 2004), we would not expect
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this to be a secondary feeder, but possibly contamination of C DNA or a peak which 

may also correspond to a different genus, such as Gloeopeniophorella and/or 

Phaeococcomyces.

13qPCR results (Figure 3.1) for bacteria show minor C labeling present from T14 

to T28 but T-RFLP results confirm that 13C-DNA bacterial labeling is occurring from T7

13to T28. This may show that the C from cellulose is widely dispersed through 

scavenging and heterotrophic bacteria rather than being taken up by cellulose-degrading 

specialist bacteria. It could also suggest that most bacteria are scavenging the metabolites 

of cellulose which have already been partially degraded by fungi. Conversely, fungal 

qPCR results show a very clear distinction between the organisms that are labeled and 

those that are not. This may suggest that those fungi capable of utilizing cellulose

13incorporate C cellulose efficiently for growth, possibly growing predominantly at the 

expense of carbon from cellulose. As several cellulolytic fungal species are filamentous, 

it is possible that they are able to better utilize nutrients in the soil and carbon from 

cellulose degradation.

13
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3.7 Figures

Figure 3.1. Distribution of bacterial and fungal DNA in density gradient fractions. DNA 
quantities are normalized relative to the fraction containing the highest quantity of DNA 
in the same gradient. Top picture (a) represents the bacterial qPCR results, with the 
bottom (b) representing fungal qPCR results.
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Figure 3.2. T-RFLP profiles of bacterial 16S rRNA in heavy fractions of SIP time points. 
Time (in days) T0, T14, T21, T28, Total Community (TC), Birch Tongue Depressor 
(BTD).
Taxonomic assignment o f  T-RFs based on in silico digestion o f clone libraries, with peak size (bp) in 
parentheses: 1. Sphingomonas (83); 2. Unclassified Polyangiaceae (92); 3. Unclassified Flavobacteriaceae; 
Gp5; Unclassified Polyangiaceae; Pedobacter (93); 4. Uncl. Caulobacteraceae (142); 5. Caldilinea (170);
6. Uncultured soil bacterium; Unclassified Bacteria (179); 7. Unclassified Alphaproteobacteria (203); 8. 
Unclassified Sphingobacteriales (207); 9. Pseudomonas; Burkholderia; Burkholderiales; Rhodoferax (208); 
10. Unclassified Gammaproteobacteria (210); 1 1 .  Unclassified Sphingobacteriale (2 13); 12 . Dyella (214); 
13 . Dyella; Opitutus (217); 14. Unclassified Sphingobacteriales; Uncultured soil bacterium (219); 15. 
Opitutus (230); 16. Unclassified Rubrobacteraceae; Unclassified Sphingobacteriales (234); 17 . Unclassified 
Sphingobacteriales (362); 18. Unclassified Rubrobacteriales (368)
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Figure 3.3. F-ARISA profiles of fungal ITS genes in heavy fractions of SIP time points. 
Time (in days) T0, T14, T21, T28, Total Community (TC), Birch Tongue Depressor 
(BTD).
Taxonomic assignment o f  fragment length is based on pure culture A R ISA  results with peak size(s) (bp) in 
parentheses: a. Geomyces vinaceus (599.95); b. Geomyces pannorum (599.91); c. Mortierella gamsii 
(647.02); d. Xylaria (620.54, 593.36); e. Exidiaceae (614.44); f. Gloeopeniophorella (664.58, 708.47); g. 
Ceratobasidium (685.19); h. Unclassified Helotiaceae (578.98); i. Geopyxis (559.2, 585.78); k. Sebacina 
(655); l. Epicloe baconii (764.15); m. Hygrophorus (626.74, 666.51); n. Phaeococcomyces (624.56, 664.95)
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3.8 Tables

13 13Table 3.1. Metabolism of C-cellulose as indicated by CO2 accumulation in 
microcosm headspace.___________________________

CO2 o f  headspace gas during incubation

Incubation time (d) 5-13C VPD B (o/oo)

0 -2.73

7 1117 9 .3 3

14 11254 .8 6

2 1 20333.27

28 25388.73
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Table 3.2. Phylogenetic identification and relative abundance of sequences detected in 
16S rRNA clone libraries as determined using RDP Classifier. Sequences were 
designated as unclassified when the RDP Classifier confidence level for the taxonomic 
assignment was < 80%. BTD: birch tongue depressors; TC: total community DNA; T14: 
day 14 heavy DNA; T28: day 28 heavy DNA. B_OTUs correspond to the operational 
taxonomic unit assigned for the bacterial sequence._________________________________

Identity
Number of sequences 
Detected

Phylum, family Genera B OTUs
T-RFLP
code BTD

T
C T14 T28

Acidobacteria,
Acidobacteriaceae

Uncultured soil 
bacterium (Gp6) B_OTU_1 6 0 1 4 5

Actinobacteria,
Micromonosporaceae

Unclassified
Micromonosporaceae B_OTU_6 0 0 2 2

Actinobacteria, Unclassified 
Actinobacteria

Unclassified
Actinobacteria B_OTU_20 1 2 3 4

Bacteroidetes, Flexibacteraceae
Unclassified
Flexibacteraceae B_OTU_26 2 3 0 3

Bacteroidetes,
Sphingobacteriaceae Sphingobacterium B_OTU_28 10 2 1 3
Bacteroidetes, Unclassified 
Sphingobacteriales

Unclassified
Sphingobacteriales B_OTU_31

8, 11, 14, 
16, 17 9 6 2 6

Proteobacteria,
Bradyrhizobiaceae

Unclassified
Bradyrhizobiaceae B_OTU_40 1 3 0 3

Proteobacteria, Incertae sedis 6
Unclassified Incertae 
sedis 5 B_OTU_52 7, 9 3 0 2 1

Proteobacteria,
Oxalobacteraceae Duganella B_OTU_57 1 0 2 2

Proteobacteria, Polyangiaceae
Unclassified
Polyangiaceae B_OTU_60 2, 3 1 3 4 3

Proteobacteria,
Pseudomonadaceae Cellvibrio B_OTU_63 0 0 6 2
Proteobacteria,
Sphingomonadaceae Sphingomonas B_OTU_68 1 2 0 2 3
Proteobacteria, Unclassified 
Alphaproteobacteria

Unclassified
Alphaproteobacteria B_OTU_72 7 0 5 3 2

Proteobacteria, Unclassified 
Gammaproteobacteria

Unclassified
Gammaproteobacteria B_OTU_75 7, 10 1 0 1 5

Proteobacteria, Unclassified 
Proteobacteria

Unclassified
Proteobacteria B_OTU_77 2 7 4 0

Proteobacteria, Unclassified 
Rhizobiales Unclassified Rhizobiales B_OTU_78 3 2 5 3
Proteobacteria,
Xanthomonadaceae Dyella B_OTU_79 12, 13 0 2 1 2

TM7
TM7 Genera Incertae 
Sedis B_OTU_81 1 1 2 3

unclassified Bacteria Unclassified Bacteria B_OTU_82 5, 6 7 11 10 9
Verrucomicrobia, Opitutaceae Opitutus B OTU 84 13, 15 1 0 2 5
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Table 3.3. Phylogenetic identification of fungi based on ITS DNA gene sequences using 
GenBank and UAF’s Fungal Metagenomics website. BTD: birch tongue depressors; 
T14: day 14 heavy DNA; T28: day 28 heavy DNA; TC: total community DNA. Cutoff 
levels (percent sequence similarity): Species: 97-100%; Genus: 92-96.99%; Family: 88
91.99%. All sequence matches < 200bps were assigned only to the Phylum level.
F_ OTUs correspond to the operational taxonomic unit assigned for the fungal sequence.

Identity
Number of Sequences 
Detected

Phylum, family Genus Species
F-
OTU

F-
ARISA
code

BT
D TC

T
14

T
28

Ascomycota, 
mitosporic Onygenales Chrysosporium

Chrysosporium
merdarium

F-
OTU
17
F-

3 2

Ascomycota,
Pyronemataceae Geopyxis

OTU
38
F-
OTU
22
F-
OTU
41
F-
OTU
35
F-
OTU
33
F-
OTU
5
F-
OTU
18
F-
OTU
7
F-

i 20

Ascomycota,
Xylariaceae Xylaria d 5

Ascomycota,
Clavicipitaceae Epichloe Epichloe baconii l 11 1

Ascomycota,
Helotiaceae

unclassified
Helotiaceae h 2 1 2 7

Ascomycota,
Helotiaceae

unclassified
Helotiaceae 2 1 1

Ascomycota,
Herpotrichiellaceae
Ascomycota,
mitosporic
Magnaporthaceae

Phaeococcomyces

Phialophora

n 2

1

5

1 1

Ascomycota, 
mitosporic Onygenales Geomyces

Geomyces
vinaceus a 4 12

Ascomycota, 
mitosporic Onygenales Geomyces

Geomyces
pannorum

OTU
16
F-
OTU
10
F-
OTU
2
F-
OTU
42
F-
OTU
15

b 14

Ascomycota,
Myxotrichaceae Gymnostellatospora

Gymnostellatospo 
ra japonica 3

Ascomycota,
Nectriaceae Volutella 4

Ascomycota,
Phialocephala

Phialocephala fortinii 
complex

Phialocephala
fortinii 2 2

Basal fungal lineages, 
Mortierellaceae Mortierella

Mortierella
gamsii c 2 4 1
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Table 3.3 continued

Basal fungal lineages, 
Mortierellaceae Mortierella

Mortierella
humilis

F-
OTU
20
F-
OTU
34
F-
OTU
24 
F-
OTU
14
F-
OTU
23
F-
OTU
3
F-
OTU
25 
F-
OTU
8
F-
OTU
40
F-
OTU
4 
F-
OTU
39

1 4

Basidiomycota,
Ceratobasidiaceae Ceratobasidium g 3 6

Basidiomycota,
Corticiaceae Gloeopeniophorella f 21

Basidiomycota,
Corticiaceae 3

Basidiomycota,
Exidiaceae e 5

Basidiomycota,
Hygrophoraceae Hygrophorus m 25

Basidiomycota,
Lachnocladiaceae Peniophora Peniophora nuda 3

Basidiomycota,
Russulaceae Russula 4 2

Basidiomycota,
Sebacinaceae Sebacina k 14 28

Basidiomycota,
Tricholomataceae Hydropus 3

Basidiomycota,
Unclassified j 6
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Appendix

Table A.1. All bacterial clones found in clone libraries BTD, TC, T14 and T28. 
Phylogenetic identification and relative abundance of sequences detected in 16S rRNA 
clone libraries as determined using RDP Classifier. Sequences were designated as 
unclassified when the RDP Classifier confidence level for the taxonomic assignment was 
< 80%. BTD: birch tongue depressors; TC: total community DNA; T14: day 14 heavy 
DNA; T28: day 28 heavy DNA. B_ OTUs correspond to the operational taxonomic unit 
assigned for the bacterial sequence.

Identity
Number of sequences 
Detected

Phylum, family Genera B OTUs
T-RFLP
code BTD TC T14 T28

Acidobacteria, Acidobacteriaceae
Uncultured soil bacterium 
(Gp6) B_OTU_1 6 0 1 4 5

Acidobacteria, Acidobacteriaceae Gp16 B_OTU_2 1 1 0 1
Acidobacteria, Acidobacteriaceae Gp1 B_OTU_3 0 1 1 1
Acidobacteria, Acidobacteriaceae Gp17 B_OTU_4 0 0 1 0
Acidobacteria, Acidobacteriaceae Gp3 B_OTU_5 0 1 0 0

Actinobacteria, Micromonosporaceae
Unclassified
Micromonosporaceae B_OTU_6 0 0 2 2

Actinobacteria, Micromonosporaceae Dactylosporangium B_OTU_7 0 1 0 0
Actinobacteria, Micromonosporaceae Actinoplanes B_OTU_8 0 1 0 0
Actinobacteria, Mycobacteriaceae Mycobacterium B_OTU_9 0 0 1 0

Actinobacteria, Nocardioidaceae
unclassified
Nocardioidaceae B_OTU_10 0 1 0 1

Actinobacteria, Nocardioidaceae Nocardioides B_OTU_11 0 0 1 0
Actinobacteria, Nocardioidaceae Kribbella B_OTU_12 0 0 1 0
Actinobacteria, Nocardioidaceae Aeromicrobium B_OTU_13 2 0 0 0
Actinobacteria, Patulibacteraceae Patulibacter B_OTU_14 1 1 0 1
Actinobacteria, Pseudonocardiaceae Pseudonocardia B_OTU_15 0 0 1 0

Actinobacteria, Rubrobacteraceae
unclassified
Rubrobacteraceae B_OTU_16 16, 18 0 0 1 0

Actinobacteria, Rubrobacteraceae Conexibacter B_OTU_17 1 1 0 0
Actinobacteria, Streptomycetaceae Streptomyces B_OTU_18 0 0 1 1
Actinobacteria, Streptomycetaceae Streptacidiphilus B_OTU_19 0 0 1 0
Actinobacteria, Unclassified 
Actinobacteria

Unclassified
Actinobacteria B_OTU_20 1 2 3 4

Actinobacteria, unclassified 
Actinomycetales

unclassified
Actinomycetales B_OTU_21 0 1 0 0

Actinobacteria, unclassified 
Flavobacteriales

unclassified
Flavobacteriales B_OTU_22 0 1 0 0

Actinobacteria, unclassified 
Rubrobacterineae

unclassified
Rubrobacterineae B_OTU_23 1 4 1 0

Bacteroidetes, Crenotrichaceae Terrimonas B_OTU_24 1 1 0 2
Bacteroidetes, Flavobacteriaceae Flavobacterium B_OTU_25 3 4 3 0 0

Bacteroidetes, Flexibacteraceae
Unclassified
Flexibacteraceae B_OTU_26 2 3 0 3

Bacteroidetes, Flexibacteraceae Niastella B_OTU_27 0 0 1 0
Bacteroidetes, Sphingobacteriaceae Sphingobacterium B OTU 28 10 2 1 3
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Table A.1 continued

Bacteroidetes, Sphingobacteriaceae Pedobacter B_OTU_29 3 1 2 0 0
Bacteroidetes, unclassified 
Bacteroidetes unclassified Bacteroidetes B_OTU_30

8, 11, 
14, 16, 
17

1 4 0 0

Bacteroidetes, Unclassified 
Sphingobacteriales

Unclassified
Sphingobacteriales B_OTU_31 9 6 2 6

Chloroflexi, unclassified 
Chloroflexales unclassified Chloroflexales B_OTU_32 0 1 0 0
OD1 OD1 genera incertae sedis B_OTU_33 0 2 1 0
Planctomycetes, Planctomycetaceae Planctomyces B_OTU_34 0 2 1 0
Planctomycetes, Planctomycetaceae Gemmata B_OTU_35 0 1 1 0
Planctomycetes, Planctomycetaceae Isosphaera B_OTU_36 1 1 0 0
Planctomycetes, unclassified 
Verrucomicrobiales

unclassified
Verrucomicrobiales B_OTU_37 1 0 2 0

Proteobacteria, Alcaligenaceae Derxia B_OTU_38 1 0 0 0
Proteobacteria, Beijerinckiaceae Beijerinckiaceae B_OTU_39 1 0 0 0

Proteobacteria, Bradyrhizobiaceae
Unclassified
Bradyrhizobiaceae B_OTU_40 1 3 0 3

Proteobacteria, Bradyrhizobiaceae Bradyrhizobium B_OTU_41 0 2 0 1
Proteobacteria, Bradyrhizobiaceae Oligotropha B_OTU_42 0 1 0 0
Proteobacteria, Burkholderiaceae Burkholderia B_OTU_43 9 5 0 1 0
Proteobacteria, Caulobacteraceae Caulobacter B_OTU_44 0 0 0 1
Proteobacteria, Caulobacteraceae Phenylobacterium B_OTU_45 0 0 1 0
Proteobacteria, Caulobacteraceae Brevundimonas B_OTU_46 0 0 1 0

Proteobacteria, Caulobacteraceae
unclassified
Caulobacteraceae B_OTU_47 4 2 0 0 0

Proteobacteria, Comamonadaceae Rhodoferax B_OTU_48 9 0 0 0 1

Proteobacteria, Cystobacteraceae
unclassified
Cystobacteraceae B_OTU_49 1 0 0 0

Proteobacteria, Hyphomicrobiaceae Labrys B_OTU_50 1 0 0 0
Proteobacteria Unclassified 
Burkholderiales

Unclassified
Burkholderiales B_OTU_51 0 1 0 0

Proteobacteria, Incertae sedis 6
Unclassified Incertae sedis 
5 B_OTU_52 7, 9 3 0 2 1

Proteobacteria, Incertae sedis 7 Methylibium B_OTU_53 1 0 0 0
Proteobacteria, Incertae sedis 8 Pelomonas B_OTU_54 0 0 0 1
Proteobacteria, Methylobacteriaceae Methylobacterium B_OTU_55 1 0 0 0

Proteobacteria, Methylophilaceae
unclassified
Methylophilaceae B_OTU_56 1 0 0 0

Proteobacteria, Oxalobacteraceae Duganella B_OTU_57 1 0 2 2

Proteobacteria, Oxalobacteraceae
Unclassified
Oxalobacteraceae B_OTU_58 3 0 1 1

Proteobacteria, Phyllobacteriaceae Mesorhizobium B_OTU_59 0 0 0 2
Proteobacteria, Polyangiaceae Unclassified Polyangiaceae B_OTU_60 2, 3 1 3 4 3
Proteobacteria, Polyangiaceae Sorangium B_OTU_61 0 0 0 1
Proteobacteria, Polyangiaceae Byssovorax B_OTU_62 0 1 0 0
Proteobacteria, Pseudomonadaceae Cellvibrio B_OTU_63 0 0 6 2
Proteobacteria, Pseudomonadaceae Pseudomonas B_OTU_64 9 2 0 0 0

Proteobacteria, Pseudomonadaceae
unclassified
Pseudomonadaceae B_OTU_65 1 0 0 0

Proteobacteria, Rhizobiaceae Rhizobium B OTU 66 3 0 1 0
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Table A.1 continued

Proteobacteria, Rhizobiaceae Ensifer B_OTU_67 0 0 0 1
Proteobacteria, Sphingomonadaceae Sphingomonas

unclassified
B_OTU_68 1 2 0 2 3

Proteobacteria, Sphingomonadaceae Sphingomonadaceae B_OTU_69 2 0 0 0
Proteobacteria, Sphingomonadaceae Sphingobium B_OTU_70 1 0 0 0
Proteobacteria, Sphingomonadaceae 
Proteobacteria, Unclassified

Porphyrobacter
Unclassified

B_OTU_71 0 1 0 0

Alphaproteobacteria 
Proteobacteria, unclassified

Alphaproteobacteria
unclassified

B_OTU_72 7 0 5 3 2

Betaproteobacteria 
Proteobacteria, unclassified

Betaproteobacteria
unclassified

B_OTU_73 9, 10 0 3 0 0

Burkholderiales 
Proteobacteria, Unclassified

Burkholderiales
Unclassified

B_OTU_74 2 1 0 0

Gammaproteobacteria 
Proteobacteria, unclassified

Gammaproteobacteria B_OTU_75 7, 10 1 0 1 5

Myxococcales 
Proteobacteria, Unclassified

unclassified Myxococcales B_OTU_76 1 0 1 0

Proteobacteria 
Proteobacteria, Unclassified

Unclassified Proteobacteria B_OTU_77 2 7 4 0

Rhizobiales Unclassified Rhizobiales B_OTU_78 3 2 5 3
Proteobacteria, Xanthomonadaceae Dyella

unclassified
B_OTU_79 12, 13 0 2 1 2

Proteobacteria, Xanthomonadaceae Xanthomonadaceae B_OTU_80 1 1 1 0
TM7 TM7 Genera Incertae Sedis B_OTU_81 1 1 2 3
unclassified Bacteria Unclassified Bacteria B_OTU_82 5, 6 7 11 10 9
unclassified Root unclassified Root B_OTU_83 0 1 1 0
Verrucomicrobia, Opitutaceae Opitutus

Subdivision 3 genera
B_OTU_84 13, 15 1 0 2 5

Verrucomicrobia, Subdivision 3 
Verrucomicrobia,

incertae sedis 
Xiphinematobacteriaceae

B_OTU_85 0 0 1 0

Xiphinematobacteriaceae genera incertae sedis B OTU 86 0 0 1 0
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Table A.2. All fungal clones found in clone libraries BTD, TC, T14 and T28. 
Phylogenetic identification of fungi based on ITS DNA gene sequences using GenBank 
and UAF’s Bioinformatics website. BTD: birch tongue depressors; T14: day 14 heavy 
DNA; T28: day 28 heavy DNA; TC: total community DNA. Cutoff levels (percent 
sequence similarity): Species : 97-100%; Genus: 92-96.99%; Family: 88-91.99%. All 
sequence matches < 200bps were assigned only to the Phylum level. F_OTUs 
correspond to the operational taxonomic unit assigned for the fungal sequence.

Identity
Number of Sequences 
Detected

Phylum, family Genus Species F-OTUs

F-
ARISA
code BTD TC T14 T28

Ascomycota Alatospora F-OTU_70 1
Ascomycota Humicola F-OTU_66 1

Leptodontidium
Ascomycota Leptodontidium orchidicola F-OTU_85 1
Ascomycota Alatospora F-OTU_87 1
Ascomycota, Chrysosporium
mitosporic Onygenales Chrysosporium merdarium F-OTU 17 3 2
Ascomycota,
Pyronemataceae Geopyxis F-OTU 38 i 20
Ascomycota,
Xylariaceae Xylaria F-OTU 22 d 5
Ascomycota, mitosporic Myrothecium
Bionectriaceae Peethambara inundatum F-OTU_56 1
Ascomycota,
Clavicipitaceae Epichloe Epichloe baconii F-OTU 41 l 11 1
Ascomycota, Cladosporium sp.
Davidiellaceae Cladosporium B5B F-OTU_31 2
Ascomycota, Mollisia
Dermateaceae Mollisia dextrinospora F-OTU_80 1
Ascomycota, unclassified
Helotiaceae Helotiaceae F-OTU 35 h 2 1 2 7
Ascomycota, unclassified
Helotiaceae Helotiaceae F-OTU 33 2 1 1
Ascomycota,
Helotiaceae Hymenoscyphus F-OTU_28 2
Ascomycota,
Helotiaceae Holwaya F-OTU_52 1
Ascomycota,
Herpotrichiellaceae Phaeococcomyces F-OTU 5 n 2 5
Ascomycota,
Herpotrichiellaceae Exophiala Exophiala salmonis F-F-OTU_21 2
Ascomycota, mitosporic
Herpotrichiellaceae Herpotrichiellaceae F-OTU_68 1
Ascomycota, Cladophialophora
Herpotrichiellaceae Cladophialophora sp. olrim407 F-OTU_89 1
Ascomycota, Lachnum
Hyaloscyphaceae Lachnum pygmaeum F-OTU_72 1
Ascomycota,
Hyaloscyphaceae Hyphodiscus F-OTU 59 1
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Table A.2 continued

Ascomycota,
Lasiosphaeriaceae Apodus Apodus deciduus F-OTU_11 2
Ascomycota, mitosporic
Chaetothyriales Sarcinomyces F-OTU_81 1
Ascomycota, mitosporic
Dermateaceae Cryptosporiopsis F-OTU_13 2
Ascomycota, mitosporic
Helotiaceae Meliniomyces F-OTU_88 1
Ascomycota, mitosporic
Helotiales Chalara F-OTU_74 1

Ascomycota,
mitosporic Verticilli
Hypocreales um F-OTU_86 1

Ascomycota, mitosporic
Magnaporthaceae Phialophora F-OTU 18 1 1 1
Ascomycota, mitosporic
Magnaporthaceae Phialophora F-OTU_47 1
Ascomycota, mitosporic
Onygenales Geomyces Geomyces vinaceus F-OTU 7 a 4 12
Ascomycota, mitosporic Geomyces
Onygenales Geomyces pannorum F-OTU 16 b 14
Ascomycota, mitosporic Geomyces
Onygenales Geomyces pannorum F-OTU_65 1
Ascomycota, mitosporic Geomyces sp.
Onygenales Geomyces C239/10G F-OTU_64 1
Ascomycota, mitosporic
Orbiliaceae Helicoon Helicoon sessile F-OTU_76 1
Ascomycota, mitosporic
Orbiliaceae Dactylaria Dactylaria sp. P7 F-OTU_44 1
Ascomycota, mitosporic
Orbiliaceae Arthrobotrys F-OTU_62 1
Ascomycota, mitosporic
Phyllachorales Verticillium F-OTU_32 1 1
Ascomycota,
Morchellaceae Morchella Morchella elata F-OTU_19 2

Ascomycota, Gymnostellatospora
Myxotrichaceae Gymnostellatospora japonica F-OTU 10 3
Ascomycota, Pseudogymnoascus
Myxotrichaceae Pseudogymnoascus roseus F-OTU_71 1
Ascomycota,
Nectriaceae Volutella F-OTU 2 4
Ascomycota,
Nectriaceae Nectria F-OTU_77 1
Ascomycota, Ophiocordyceps
Ophiocordycipitaceae Ophiocordyceps crassispora F-OTU_60 1
Ascomycota,
Phaeosphaeriaceae Setomelanomma F-OTU_92 1
Ascomycota, Phialocephala Phialocephala
Phialocephala fortinii complex fortinii F-OTU 42 2 2
Ascomycota, mitosporic
Pleosporaceae Pleosporaceae F-OTU 69 1
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Table A.2 continued

Ascomycota,
Unclassified* F-OTU_1 2
Ascomycota,
Unclassified*
Ascomycota,
Unclassified*

F-OTU_57

F-OTU_90

1

1
Ascomycota,
Unclassified* F-OTU_82 1
Ascomycota,
Unclassified* F-OTU_55 1
Ascomycota,
Unclassified* F-OTU_49 1
Ascomycota, 
Venturiaceae 
Basal fungal lineages, 
Mortierellaceae 
Basal fungal lineages, 
Mortierellaceae 
Basal fungal lineages, 
Mortierellaceae

Venturia

Mortierella
Mortierella

Mortierella

Mortierella gamsii 
Mortierella humilis

F-OTU_46 

F-OTU 15 

F-OTU 20 

F-OTU_37

c

1

2

1

4

4

1

2

Basal fungal lineages, Mortierellaceae F-OTU_6 2
Basal fungal lineages, 
Mortierellaceae Mortierella

Mortierella sp. 
aurim1202 F-OTU_54 1

Basal fungal lineages, 
Mortierellaceae Mortierella

Mortierella sp. 
04M158 F-OTU_43 1

Basal fungal lineages, Unclassified* F-OTU_53 1
Basidiomycota,
Atheliaceae
Basidiomycota,
Ceratobasidiaceae

Piloderma

Ceratobasidium

Piloderma sp. A18 F-OTU_58 

F-OTU 34 g

1

3 6
Basidiomycota,
Corticiaceae Gloeopeniophorella F-OTU 24 f 21
Basidiomycota,
Corticiaceae
Basidiomycota,
Cortinariaceae Cortinarius

F-OTU14

F-OTU_91

3

1
Basidiomycota,
Exidiaceae
Basidiomycota,
Exidiaceae Serendipita

F-OTU 23 

F-OTU_83

e 5

1
Basidiomycota,
Exobasidiaceae Exobasidium

Exobasidium
nobeyamense F-OTU_78 1

Basidiomycota,
Gloeocystidiellaceae Gloeocystidiellum F-OTU_27 2
Basidiomycota,
Hygrophoraceae Hygrophorus F-OTU 3 m 25
Basidiomycota,
Lachnocladiaceae Peniophora Peniophora nuda F-OTU 25 3
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Table A.2 continued

Basidiomycota,
mitosporic
Agaricomycotina
Basidiomycota,
mitosporic
Agaricomycotina
Basidiomycota,
Russulaceae
Basidiomycota,
Sebacinaceae

Rhizoctonia

Rhizoctonia

Russula

Sebacina

F-OTU_84

F-OTU_73 

F-OTU 8 

F-OTU 40
Basidiomycota,
Sebacinaceae Sebacina F-OTU_12
Basidiomycota,
Thelephoraceae Tomentella F-OTU_45
Basidiomycota,
Tricholomataceae Hydropus F-OTU 4
Basidiomycota,
Tricholomataceae Mycena F-OTU_30
Basidiomycota,
Tricholomataceae Mycena

Mycena aff. murina 
F14062 F-OTU_26

Basidiomycota,
Tricholomataceae Mycena

Mycena aff. murina 
F14062 F-OTU_9

Basidiomycota,
Tricholomataceae Mycena

Mycena aff. murina 
F14062 F-OTU_79

Basidiomycota,
Tricholomataceae
Basidiomycota,
Unclassified*
Basidiomycota,
Unclassified*

Mycena F-OTU_48 

F-OTU 39 

F-OTU_36
Basidiomycota,
Unclassified* F-OTU_29
Basidiomycota,
Unclassified*
Basidiomycota,
Unclassified*
Glomeromycetes,
Acaulosporaceae
Glomeromycetes,
Acaulosporaceae

Entrophospora

Entrophospora

Entrophospora sp. 
JJ61

F-OTU_75 

F-OTU_63 

F-OTU_67 

F-OTU 61

1 1

1

1

2

14 28

4

k

2

3

2

2

2

*Sequence length match less than 200 bps.
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CHAPTER 4. General Conclusion

4.1 Conclusion

The application of SIP in this study revealed a complex community of both fungi 

and bacteria that derive carbon from cellulose in this Alaskan boreal forest soil 

community. Quantitative PCR analyses of density gradient fractions suggested that fungi

13dominated cellulose utilization in this experiment, producing abundant C-labeled DNA 

relative to unlabeled fungal DNA after incubation (Figure 3.1). In contrast, bacteria did

13not produce similarly high quantities of C-DNA relative to the unlabeled bacterial 

DNA. However, this does not preclude the presence of some highly labeled bacteria. 

Since the quantitation is relative to the size of the unlabeled peak it may indicate that a 

smaller proportion of the bacterial community grew at the expense of cellulose when 

compared to the fungi. T-RFLP analyses of bacterial DNA in heavy fractions revealed a 

diverse array of organisms present at all sampling periods, with minimal organisms 

present in T0, suggesting that the heavy DNA is truly composed of organisms that had

13derived carbon from C-cellulose.

As cellulose degrades, metabolic intermediates are formed, which can be 

incorporated into organisms that are not themselves cellulolytic. Cellulose degradation is 

an extracellular process involving enzymes such as endoglucanases, exoglucanases and 

P-glucosidases which liberate products such as cellobiose and glucose, which may then 

be scavenged and utilized by heterotrophic organisms as well as the cellulolytic 

organisms. All SIP experiments are limited by the potential for cross feeding, in which
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13C can disperse into the community through microbial biomass turnover as well as

13liberation of metabolites. For these reasons, the organisms found to possess C-labeled 

DNA in this study should be regarded conservatively as organisms that derived carbon 

from cellulose, either directly or indirectly, recognizing that they may or may not be 

themselves cellulolytic. Chapter 3 discussed these shortcomings and allowed us the 

opportunity to investigate carbon flow through the microbial food web.

The labeled organisms detected through our SIP experiment that were not 

previously known to be cellulose degraders, could be an important part of cellulose 

carbon cycling and the microbial food web. However, it is possible that if  this study were 

done in situ in Alaskan boreal forest soil rather than in a microcosm, a different array of 

fungi would be identified as the most abundant cellulose degraders. An in situ study 

would allow confirmation of these bacteria and fungi as cellulose utilizers, as well as 

remove the microcosm bias that is present in this study. This study suggests that there 

are several active cellulose degraders in the boreal forest soil which are novel, 

undescribed species. Sequences from our clone libraries which were not classifiable 

below the phylum level would be a particularly interesting area to explore further by 

attempting to isolate them in culture. It would also be interesting to pursue this study 

further to examine possible synergy between fungi and bacteria, as synergy may be an 

important aspect of cellulose degradation, and one about which little is known.

These studies have advanced our understanding of the bacterial and fungal taxa 

that participate in this important component of carbon cycling, and has identified new 

microorganisms of potential interest for biofuel research. Future functional gene
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13examinations with metagenomics of C-DNA from SIP may also prove be valuable to 

the biofuel industry. Continued studies are needed to identify cellulolytic organisms and 

functional genes from the natural environment and to explore their functional capabilities, 

including potential synergies, in order to reveal the nature of cellulose degradation in the 

environment and to enable improvements in cellulosic biofuel production technologies.
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