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Abstract

Unionid mussels (order Unionida) are freshwater bivalves distributed worldwide and are 

among the world's most endangered taxonomic groups. Unionid mussels utilize various fish 

species as obligate hosts for their parasitic larval stage, and as a result, native fish species are 

vital to unionid persistence. One of the primary conservation needs for both unionids and fishes 

is more complete distributional data. However, these data are labor and resource intensive to 

collect using traditional survey methods. Here, we utilized an eDNA metabarcoding approach to 

detect unionid mussels and fishes within a large portion of the lower peninsula of Michigan, 

USA, with the goal of validating this method for the paired detection of these two groups of taxa. 

We investigated whether communities of fishes and mussels varied between the tributaries of 

Lake Michigan and the Grand River watershed, between early- and late-summer sampling 

events, and between areas of high and low mussel diversity. We detected 21 unique mussel taxa 

and 46 unique fish taxa within the Grand River watershed and 20 Lake Michigan tributaries. We 

detected differences in fish and mussel communities across different sampling regions and 

between sampling events. We also found fish taxa associated with areas of high and low mussel 

diversity. Notably, we detected more mussel taxa within the Grand River watershed compared to 

Lake Michigan tributaries, more fish in the August sampling event compared to June, three fish 

taxa more frequently at areas of high mussel diversity, and four fish taxa more frequently at areas 

of low mussel diversity. This study demonstrates the utility of combining unionid and fish 

metabarcoding primers to efficiently describe the co-distribution of these interdependent taxa 

within the Great Lakes region.
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Chapter 1: General Introduction

Fish and wildlife management, whether for the purpose of preservation of biodiversity or 

for managing recreational fisheries, requires extensive data regarding the geographical 

distribution of the organisms in question. Effective management and conservation is difficult if it 

is unknown where the taxa in question live and how their distributions and abundance may be 

changing (Cooke et al. 2012). Tributaries of Lake Michigan are important habitat for unionid 

mussels, among the most endangered taxa in North America, and for fish species of significant 

ecological and recreational value (Jude and Pappas 1992; Bogan 2008; Poe et al. 2013). 

Currently, distributional data for these species is often lacking or outdated throughout the Great 

Lakes region (Badra and Goforth 2002; Landsman et al. 2011). This deficiency of data represents 

an informational bottleneck in the management of these species.

In addition to inadequate data, the collection of new distributional data is a labor

intensive endeavor, often limited by budget constraints (Bottrill et al. 2008). Current methods to 

monitor unionid mussel and fish populations are also time consuming and limited by length of 

the field season (Sigsgaard et al. 2015; Hanshue et al. 2019). In order to streamline fish and 

unionid mussel surveys, environmental DNA (eDNA) metabarcoding is proposed as a 

supplement to traditional sampling techniques.

Previous research has demonstrated the ability of eDNA metabarcoding for efficiently 

and accurately detecting the presence of a wide range of species in aquatic and terrestrial 

habitats. eDNA metabarcoding has the potential to perform as well as, or better than, traditional 

gear for ascertaining fish species presence (Civade et al. 2016; Sard et al. 2019; Gehri et al. 

2021). In addition to accuracy, eDNA metabarcoding can also be performed in substantially less 

time in the field compared to traditional methods (Jerde et al. 2011). While eDNA 
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metabarcoding has not yet been widely applied to unionid mussels, some previous research 

efforts have demonstrated its effectiveness for these taxa (Coghlan et al. 2021; Klymus et al. 

2021).

Unionid mussels in peril

North American freshwater mussels (order Unionida) are among the world's most 

endangered taxa as a result of anthropogenic disturbances and habitat alterations (Allan and 

Flecker 1993; Williams et al. 1993; Dudgeon et al. 2006; Bogan 2008). Unionid mussels are 

ecologically valuable to the ecosystems in which they live, performing ecosystem services such 

as structuring the food webs of their aquatic environments, influencing primary and secondary 

production, increasing macroinvertebrate density and biodiversity, stabilizing sediment, and 

performing bioturbation and bio-deposition (Howard and Cuffey 2006; Vaughn et al. 2008). In 

addition, because of their requirements for relatively undisturbed habitat, unionids are considered 

indicator and umbrella species for conservation efforts (Vaughn 2018).

As a result of their imperilment and their ecological value, many unionid species receive 

state and federal protections. There are 45 known unionid species in the state of Michigan, and of 

these, 32 are listed as threatened, endangered, or of special concern (Michigan Department of 

Natural Resources 2019). One of the most basic needs of any conservation effort is to document 

species presence and to monitor changes in species presence over time, and this is certainly the 

case with unionids. The Freshwater Mollusk Conservation Society (2016) identified more 

complete distributional data as a primary unionid conservation objective, and noted that even in 

the most studied regions, many systems remain un-surveyed, while many others have not been 

sampled in decades. Tributaries of Lake Michigan represent a substantial amount of the unionid 
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habitat in the state of Michigan, although knowledge of the distribution and status of unionids in 

Michigan is incomplete (Badra and Goforth 2002). For instance, many of the lower reaches of 

Lake Michigan tributaries remain un-surveyed due to difficult access (Badra and Goforth 2002). 

Thus, there exists a need for more complete and current data regarding mussel distribution in 

Michigan, in the interest of conservation efforts.

Fishes of management concern in Lake Michigan tributaries

In addition to unionid mussels, tributaries of Lake Michigan are also important habitat for 

species of fishes that are of management concern. The Laurentian Great Lakes (hereafter the 

Great Lakes) and their tributaries are host to a commercial, recreational, and tribal fishery 

estimated at a value of over $7 billion USD annually (Poe et al. 2013). Many Great Lakes fishes 

exhibit an adfluvial life history, which makes tributaries of critical importance for their 

reproduction (Ivan et al. 2011; Landsman et al. 2011). In spite of the importance of tributary 

habitat to the reproduction of Great Lakes fishes, there is not currently an up to date and 

consolidated source for information regarding habitat use of spawning Great Lakes fishes 

(Landsman et al. 2011).

Potential shortcomings of standard survey methods for mussels and fishes

Populations of cryptic or small species, and species that occur in low numbers, are 

difficult to detect in ecological surveys (Macdonald and Willis 2013). Both unionid mussels and 

fish species can meet these criteria, making their detection in field surveys problematic (Hanshue 

et al. 2019). This could lead to an underestimation of species occupancy, which can have serious 

conservation implications (Gu and Swihart 2004). In addition, surveys for mussels in river 

3



systems are only conducted during average to low flow volume, water temperatures over 10°C, 

and water clarity of at least 0.5 m (Hanshue et al. 2019). While these restrictions are necessary 

for survey effectiveness, the wellbeing of the mussels being surveyed, and for the safety of field 

crews, they effectively limit when surveys can be conducted within the field season.

Surveys for fishes can also experience similar limitations, and potential drawbacks. 

Fishes at low densities, such as endangered species or invasive species colonizing new habitat, 

are difficult to detect with traditional fisheries sampling methods (Sard et al. 2019). The typical 

field season for agency fisheries biologists occurs during the summer months, which could cause 

failure to detect spawning activity of fall and spring spawning fishes (Erickson et al. 2017) . 

Environmental DNA (eDNA) is an alternative tool to monitor fish and unionid mussels, that may 

be more sensitive to rare species, and can be conducted throughout the open water season.

eDNA as an alternative or supplementary survey tool

eDNA is a relatively new molecular technique that can be utilized for monitoring species 

presence within ecosystems. eDNA utilizes a sample medium such as water, soil, snow, or 

sediment as a source of genetic material for analysis (Rees et al. 2014b; Kinoshita et al. 2019). In 

aquatic systems, organisms can introduce their DNA into the environment via their skin cells, 

feces, urine, saliva, or release of gametes (Rees et al. 2014b). Total eDNA consists of both 

intracellular DNA, from living cells or organisms, and extracellular DNA, that can result from 

cell death and lysis of a cell (Levy-Booth et al. 2007; Pietramellara et al. 2009). Mitochondrial 

DNA is of particular interest to eDNA studies, as it is present at much higher numbers in a 

sample compared to nuclear genetic material, and as a result, is a useful source of DNA to target 

(Rees et al. 2014b; Miya et al. 2015).
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Previous studies have utilized eDNA to determine the presence or absence of organisms 

such as marine mammals (Foote et al. 2012), amphibians (Ficetola et al. 2008; Rees et al. 

2014a), fishes (Jerde et al. 2011; Dejean et al. 2011; Wilcox et al. 2013), insects (Thomsen et al. 

2012), crustaceans (Thomsen et al. 2012), and molluscs (Klymus et al. 2017). The technique has 

been utilized in marine systems (Collins et al. 2018), lotic systems (Thomsen et al. 2012), and 

lentic systems (Eichmiller et al. 2014, 2016).

Comparison of eDNA surveys to traditional surveys

In addition to a wide range of organisms and environments to which it can be applied, 

eDNA offers several potential advantages over traditional monitoring methods. Snorkel surveys, 

quadrat sampling, electrofishing, gillnetting, and trapping are standard methods to sample mussel 

and fish communities, but they have several drawbacks. Snorkel and quadrat sampling for 

mussels are only possible during periods of water clarity of ≥ 0.5 meters, with stable water 

discharge, and water temperatures ≥ 10oC (Hanshue et al. 2019). While these restrictions are 

necessary for mussel surveys to be conducted, they effectively limit the field season to a short 

period of time in the summer and fall (Hanshue et al. 2019). In addition, the aforementioned fish 

sampling methods are highly invasive and some methods, such as gillnetting, often result in fish 

mortality and injuries (Sigsgaard et al. 2015). In contrast, eDNA sampling is completely non- 

invasive (Thomsen et al. 2012). Standard fisheries techniques such as electrofishing and netting 

have a low capture probability per individual organism and therefore are only reliable methods to 

detect species of moderate or high abundance (Magnuson et al. 1994). In order to increase the 

probability of detection for rare species, one solution is to increase sampling effort. However, an 

increase of sampling effort may not be practical for a time and labor-intensive method, especially 
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while concurrently attempting to increase coverage area. Invasive species, or threatened and 

endangered organisms, can occur at such low densities that traditional sampling techniques may 

not detect their presence (Gu and Swihart 2004). eDNA has the potential to help resolve these 

issues by increasing the probability of detection and decreasing the amount of effort to collect 

samples.

Previous research suggests that eDNA sampling may be a substantially more sensitive 

method of species detection compared to traditional sampling techniques (Jerde et al. 2011; 

Wilcox et al. 2016; Sigsgaard et al. 2015). For example, Wilcox et al. (2016) found that eDNA 

surveying had a 0.18 probability of detecting Salvelinus fontinalis (Brook Trout) at densities of 

one fish per river kilometer, and a 0.99 probability of detection at densities of ≥ 3 fish per 

kilometer, which was significantly higher than that of electrofishing. Similarly, Civade et al. 

(2016), compared species detection from a single eDNA sampling event, to cumulative historical 

data for every gillnet survey conducted over 28 years at their study site. They found that a single 

contemporary eDNA sampling event detected similar numbers of species compared to all 

cumulative data for multi-mesh gillnet surveys over the previous 28 years.

Environmental DNA methods have also been shown to save personnel time to detect rare 

species. For instance, Jerde et al. (2011) found it required 93 person-days of electrofishing effort 

to find a single invasive carp (Hypopthalmichthyes spp.), while eDNA only required 0.174 

person-days of sampling for a positive detection. Although time savings are not always this 

dramatic, eDNA still has the potential to be a substantial time-saving tool. If eDNA can offer 

significant savings in time and personnel hours, it could potentially mean agencies would be able 

to increase the areas sampled and thus rapidly increase their knowledge of species distribution.
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Environmental DNA also appears to be sensitive to low densities of target organisms.

Goldberg et al. (2013) demonstrated the ability to detect invasive Potamopyrgus antipodarum 

(New Zealand Mudsnails) in a 5th order stream at densities as low as 11 individuals per square 

meter of stream. While Hess sampling is a standard method to sample for this invasive species, 

the authors found it was not possible during periods of high water, while eDNA sampling was 

easily performed. Several previous studies have also shown that eDNA is sensitive to the 

detection of multiple species of freshwater mussels, with a reported limit of detection ranging 

from 1 to 18 copies of target DNA (Sansom and Sassoubre 2017; Dysthe et al. 2018, Lor et al. 

2020). These results suggest that eDNA can provide detection of low densities of organisms 

while also offering increased flexibility in the collection of samples.

Environmental DNA metabarcoding

Many eDNA studies have targeted single species detection using standard PCR, 

quantitative PCR (qPCR), or digital droplet PCR for analysis of samples (Ficetola et al. 2008; 

Jerde et al. 2011; Dejean et al. 2011; Nathan et al. 2014). In contrast, environmental DNA 

metabarcoding (eDNA metabarcoding) describes a technique that enables the simultaneous 

detection of multiple species in a single sample (Taberlet et al. 2018). Environmental DNA 

metabarcoding has the potential to streamline the process of surveying ecosystems for aquatic 

species.

Metabarcoding is performed by sampling eDNA from the environment and extracting the 

genetic material from within the sample. This genetic material is then amplified via a PCR 

reaction using a primer that will amplify a specific locus in the targeted organisms (Taberlet et 

al. 2018). Ideally, the amplicon produced by the PCR reaction is a DNA sequence that is unique 
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for each species, and millions of copies can be amplified by this reaction for each species present 

in the sample (Taberlet et al. 2018). Next, a second PCR reaction is performed to attach a short 

oligonucleotide “barcode” onto the 5' end of each product from each sampling location (Shaw et 

al. 2016). The nucleotide barcode sequence is designed to be variable between sampling 

locations, enabling samples from each location to be identified by their unique barcode (Shaw et 

al. 2016). Since each sampling location is barcoded, the samples can then be pooled together to 

be sequenced at the same time, using high-throughput sequencing technology. This enables 

eDNA studies to process large amounts of samples for a relatively low cost per sample. Results 

from sequencing can then be compared to a database of known species, and thus species in each 

sample can be identified.

Previous eDNA metabarcoding

Previous research has demonstrated the potential that eDNA metabarcoding has to detect 

multiple species at once, with a high probability of detection and less sampling effort. One such 

study utilized metabarcoding to detect amphibian and fish species simultaneously. In this study, 

by Valentini et al. (2016), samples of eDNA were analyzed in parallel using universal primers 

for fishes and amphibians. The authors also compared their eDNA results to a sampling effort 

using standard methods for fish and amphibian surveys in the same locations. The authors found 

eDNA had a detection probability of 0.97, while traditional methods of amphibian surveys had a 

detection probability of 0.58. These probabilities imply that in order to attain the detection of the 

same number of species, traditional sampling would require four sampling events while eDNA 

would require a single sampling event. For the fish portion of the project, eDNA detected as 

many fish species or more than compared to traditional fish sampling methods in 89% of the 
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locations. In addition to the high probability of detection generated by these authors, the 

sampling effort for eDNA was much lower than traditional methods. For example, the sampling 

effort to identify the same number of fish species was 4 hours of eDNA sampling versus 3 days 

and the deployment of 88 gillnets using traditional fish sampling (Valentini et al. 2016).

Sard et al. (2019) conducted a fish community eDNA metabarcoding study in which two 

separate fish-specific assays were utilized, and they compared results to traditional fish sampling 

methods, in Michigan lakes. The researchers found that on average each individual eDNA 

sample detected three more species of fishes compared to single traditional gear fish sampling. In 

addition, it was found that eDNA detected 1-8 more species per lake than traditional fish 

sampling methods. Sard et al. (2019) used two universal primers developed by Deagle et al. 

(2009) and Riaz et al. (2011). These two assays are particularly appealing for surveying fishes, 

since they have been shown to have a high level of accuracy and a wide range of species 

coverage within Michigan waters (Riaz et al. 2011; Sard et al. 2019).

eDNA metabarcoding has been used to monitor a wide variety of organisms including 

marine vertebrates (Andruszkiewicz et al. 2017), marine fishes (Miya et al. 2015), and 

freshwater fishes and amphibians (Valentini et al. 2016). However, there are relatively few 

eDNA studies focusing on mussels, most of which were designed as single species detections for 

invasive mussels (Ardura et al. 2017; Sansom and Sassoubre 2017; Cowart et al. 2018; Xia et al. 

2018). More recent studies have used eDNA metabarcoding for the detection of both invasive 

mussels (Klymus et al. 2017; Marshall and Stepien 2019), and native unionid mussels (Coghlan 

et al. 2021; Klymus et al. 2021). These efforts have demonstrated the effectiveness of eDNA 

metabarcoding for unionid mussel detection and laid the groundwork for this study.
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Chapter 2: Spatial and Temporal Variability of Fish and Mussel Distributions Revealed 
Through eDNA Metabarcoding1
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Abstract

Unionid mussels (family Unionidae) are freshwater bivalves distributed worldwide, and 

are among the world's most endangered taxa. Unionid mussels utilize various fish species as 

obligate hosts for their parasitic larval stage, and as a result, native fish species are vital to 

unionid persistence. One of the primary conservation needs for both unionids and fishes is more 

complete distributional data. However, these data are labor and resource intensive to collect 

using traditional survey methods. Here, we utilized an eDNA metabarcoding approach to detect 

unionid mussels and fishes within a large portion of the lower peninsula of Michigan, USA, with 

the goal of validating this method for the paired detection of these two groups of taxa. We 

investigated whether communities of fishes and mussels varied between the tributaries of Lake 

Michigan and the Grand River watershed, between early- and late-summer sampling events, and 

between areas of high and low mussel diversity. We detected 21 unique mussel taxa and 46 

unique fish taxa within the Grand River watershed and 20 Lake Michigan tributaries. We 

detected differences in fish and mussel communities across different sampling regions and 

between sampling events. We also found fish taxa associated with areas of high and low mussel 

diversity. Notably, we detected more mussel taxa within the Grand River watershed than other 

Lake Michigan tributaries, more fishes in the August sampling event than June, three fish taxa 

more frequently at areas of high mussel diversity, and four fish taxa more frequently at areas of 
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low mussel diversity. This study demonstrates the utility of combining unionid and fish 

metabarcoding primers to efficiently describe the co-distribution of these interdependent taxa 

within the Great Lakes region.

Introduction

North America is host to the world's largest diversity of freshwater mussels (order 

Unionida) (Williams et al. 1993, 2017). Of the 293 North American unionid species described to 

date, 213 are considered endangered, threatened, or of special concern, and as many as 37 

species are presumed extinct (Williams et al. 1993, 2017; Bogan 2008). Declines in the 

abundance and diversity of unionids are largely the result of anthropogenic disturbances, 

including habitat loss, fragmentation, and degradation, and the introduction of non-native species 

over the last two centuries (Allan and Flecker 1993; Dudgeon et al. 2006; Bogan 2008; 

Freshwater Mollusk Conservation Society 2016) .

Unionid mussels are also sensitive to changes in the abundance and diversity of the fish 

community where they live, largely because they are dependent upon fishes to serve as a host for 

their parasitic larvae, called glochidia (Strayer et al. 2004). Glochidia attach to the gills or fins of 

the host fish, encyst, and grow for a period of time before releasing from the fish. While some 

mussel species are generalists in their requirements for hosts, others have only a few or a single 

known host fish species (Badra and Goforth 2003; Watters et al. 2009). Due to this parasitic life

history trait, the successful reproduction of unionids is dependent upon the presence of diverse, 

and typically native, fish communities within their habitat (Haag 2012).

The successful conservation of fishes and mussels requires extensive data regarding their 

geographical distribution, as well as continuous monitoring to determine how these distributions 
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may be changing. Tributaries of Lake Michigan are important habitat for fishes and mussels of 

significant ecological, economic, and recreational value (Jude and Pappas 1992; Bogan 2008; 

Poe et al. 2013). Currently, distributional data for these species is often imprecise or outdated 

throughout the Great Lakes region (Badra and Goforth 2002; Landsman et al. 2011). This 

deficiency of data represents an important gap in knowledge for the successful management of 

these species.

Distributional data for mussels is typically collected with quadrat and snorkel or SCUBA 

sampling, while electrofishing and trap netting are common for fishes. However, environmental 

DNA (eDNA) is a non-invasive method that can produce similar data with substantially less time 

and effort in the field (Ficetola et al. 2008; Darling and Mahon 2011). Environmental DNA is a 

molecular technique that detects trace amounts of DNA in a water, soil, or air sample to infer the 

presence of organisms in a non-invasive manner. Previous research has demonstrated the ability 

of eDNA to efficiently and accurately determine the presence or absence of a wide range of 

species in aquatic habitats, including fishes and freshwater mussels (Civade et al. 2016; Currier 

et al. 2018; Sard et al. 2019; Gehri et al. 2021; Klymus et al. 2021; Preece et al. 2021).

Single-species qPCR-based eDNA studies have been used to determine the rates of 

production, transport, and decay of mussel and fish eDNA in various study sites (Deiner and 

Altermatt 2014; Sansom and Sassoubre 2017) and determine the presence or absence of a single 

species (Dysthe et al. 2018). In contrast, eDNA metabarcoding enables the simultaneous 

detection of multiple species within a sample using next generation sequencing and primers that 

amplify a broad group of taxa (Evans et al. 2017; Sard et al. 2019; Gehri et al. 2021; Klymus et 

al. 2021). Previous research by Sard et al. (2019) used two universal fish primers, 12S and 16S, 

and compared fish taxa detections with traditional fisheries methods, finding that the multi-locus 
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eDNA approach consistently detected more fish taxa across numerous inland Michigan lakes. 

Gehri et al. (2021) also used 12S and 16S eDNA metabarcoding to detect all 12 of the fish taxa 

that traditional gears did, as well as an additional 24 taxa, in Boardman Lake, Michigan.

While studies using metabarcoding for mussels have been less common than for fishes, 

several important studies have shown the usefulness of eDNA for mussel detection. Marshall and 

Stepien (2019) developed and tested an eDNA metabarcoding assay that detected population 

level diversity of two invasive Eurasian mussels, enabling an understanding of their invasion 

ecology. Klymus et al. (2021) developed a metabarcoding assay that detected 19 mussel species, 

eight of which are endangered. While Klymus et al. (2021) noted that traditional mussel surveys 

cumulatively detected 30 mussel species, they suggested that increasing the number of replicates 

or the volume of water sampled would likely have increased the number of mussel species 

detected with eDNA. Coghlan et al. (2021) designed two metabarcoding primers to target mussel 

taxa of Southeast Ontario, and tested their assays on mock communities as well as water 

samples. The authors also compared their eDNA species detections from water samples to 

traditional sampling methods and found that eDNA detected the majority of mussels known to be 

present, with up to 23 species detected at a sampling location with eDNA.

Because mussels require fish to complete their life cycle, and because the two groups 

share broadly similar environmental requirements, it is important to monitor fish communities 

where mussels of conservation concern reside. Previous research has shown that fish and mussel 

eDNA metabarcoding are efficient and accurate, but there has not been an eDNA metabarcoding 

effort that simultaneously monitors both fishes and mussels.

The Grand River is the longest river in Michigan and the second largest river basin in 

Michigan by area, encompassing approximately 14,439 km2. Because the Grand River is known 
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habitat for 32 of the 45 mussel species native to Michigan, including numerous species of 

conservation concern (Badra and Goforth 2002; Hanshue and Harrington 2017; Mulcrone and 

Rathbun 2018), it was the main focal point of our sampling effort. In addition to mussels, the 

Grand River is also habitat for 108 species of fishes (Hanshue and Harrington 2017). Although 

our main focus was to sample the Grand River and its tributaries, we sampled 19 other tributaries 

of Lake Michigan for eDNA, many of which do not have well characterized mussel community 

distribution data. These 19 tributaries encompass an area of approximately 41,000 km2, and 

when combined with the Grand River, cover about half of the drainage area of Michigan's Lower 

Peninsula.

In this study we combined fish and unionid mussel metabarcoding with the goal of 

validating eDNA metabarcoding for detecting these taxa within the study area. We sampled 19 

Lake Michigan tributaries, as well as 50 locations along the Grand River and its tributaries, on 

two occasions (early and late summer). Our primary objectives were to (1) validate eDNA as a 

detection method for fishes and unionid mussels across a large area of Michigan; (2) determine 

whether fish and mussel communities vary between the Grand River watershed and other Lake 

Michigan tributaries; and (3) investigate whether detections of certain fish species are associated 

with certain mussels or different levels of mussel diversity.
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Methods

Study region

Sampling locations for this project were entirely within the lower peninsula of Michigan, 

USA (Figure 1). The sampling effort and analysis for this project was split into two geographic 

regions: 1) Lake Michigan tributaries, and 2) the Grand River and tributaries (Table A1). For the 

Lake Michigan tributary portion of the study, sampling locations encompassed a geographic area 

along the eastern shore of Lake Michigan from near the Indiana border, north to Indian River, 

Michigan. Twenty tributaries of Lake Michigan (Table A1) were sampled for eDNA once in 

June 2020 and again in August 2020. For the Grand River portion of sampling, 17 tributaries of 

the Grand River and 33 mainstem locations on the Grand River were sampled on two occasions: 

once in June 2020 and again in August of 2020. For the Grand River portion of the project, the 

farthest upstream location was Center Lake, near Michigan Center and the farthest downstream 

location was near Grand Haven (Figure 1).

Collection and filtration of water samples

Prior to field sampling, microcentrifuge tubes for eDNA filter preservation were prepared 

within the lab to minimize contamination during this step. Microcentrifuge tubes (5-mL)were 

exposed to 15 minutes of UV light within a laminar flow UV hood. Within the UV hood system, 

the microcentrifuge tubes were then filled with 2 mL of Qiagen buffer ATL using sterile 

pipetting technique and aerosol barrier pipette tips.
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Prior to collection of water samples, all 1-L Nalgene HDPE bottles (ThermoFisher 

Scientific) were sterilized by 10 minutes of full immersion in a 20% by volume bleach solution, 

and then triple rinsed with distilled water. Negative field controls (NFCs) were prepared using 

sterilized 1-L Nalgene bottles, then triple rinsed and then filled with distilled water. The NFCs 

were then stored and transported to the field locations in the same way as the empty Nalgene 

bottles for water samples. At each sampling location, there was an associated NFC, which was 

taken to the sampling location where the closure was uncapped and left exposed to the air for 

thirty seconds.

Each 1-L water sample was collected by submerging a handheld Nalgene bottle just 

subsurface, using a new latex glove for each sampling location. Bottles were then sealed and the 

exteriors of the bottles were wiped with 20% bleach solution. Water samples were then placed in 

a cooler on ice until the samples could be filtered, within 12 hours of collection. Three water 

sample replicates were collected at each sampling location and occasion, resulting in a total of 

429 water samples. Each sampling location and occasion had an associated NFC, resulting in a 

total of 143 NFCs.

Water samples were filtered using a Welch Gemini ® 2050 vacuum pump and 47-mm 

diameter, 0.45-μm-pore size, cellulose nitrate membrane Nalgene™ Analytical test filter funnels. 

After each water sample was passed through each funnel filter, the filter was placed into a 

prepared 5-mL microcentrifuge tube with 2 mL of Qiagen buffer ATL (Qiagen Hilden, 

Germany), using forceps soaked in 20% bleach solution for ten minutes and rinsed with distilled 

water. Preserved filters were then stored at room temperature, and protected from light until 

extractions were performed, within 3 months of collection.
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Extraction of DNA

All extractions were done in an eDNA dedicated laminar flow UV hood system to 

minimize contamination. All surfaces and equipment were frequently wiped with 20% bleach 

solution, and all pipetting was done with sterile, aerosol barrier pipette tips. Extractions were 

performed using Qiagen DNEasy Blood and Tissue kits (Qiagen Hilden, Germany), according to 

the manufacturer's protocol as modified per Gehri et al. (2021), except that filters were preserved 

in Qiagen Buffer ATL so the ethanol evaporation step was omitted. After extraction of eDNA 

from filters, all samples were treated with Zymo OneStep™ PCR inhibitor removal kits (Zymo 

Research, Irvine, CA) to remove potential PCR inhibitors.

Development of metabarcoding primer for freshwater mussels

Sequences of the mitochondrial cytochrome oxidase I (COI) subunit for our target species 

were downloaded from NCBI and imported into Geneious Prime (Geneious Prime 2019.2.3). For 

species without available NCBI sequences, tissue samples of voucher specimens were acquired, 

extracted using a Qiagen Blood and Tissue extraction kit (Qiagen Hilden, Germany), and 

amplified using a universal COI primer (Folmer et al. 1994). PCR products were then Sanger 

sequenced at the Molecular Conservation Genetics Laboratory at the University of Wisconsin- 

Stevens Point. Sequencing data were processed using Geneious Prime software and sequences 

for each species were aligned to generate a consensus sequence. Consensus sequences from each 

species were then compared for identification of potential primer sites.

Within Geneious Prime, we determined that a primer set previously developed for 

eastern Canadian unionid mussels by Cho et al. (2016) contained many mismatches in the 
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priming site and was unlikely to amplify all of the species on our target species list. However, 

with the substitution of degenerate bases at locations of interspecific variability, a primer set was 

developed that was suitable for amplification of our target species list (Forward: 5' 

AGNCTTYTVATYCGDGCYGA 3', Reverse: 5' CCRGTHCCNACACCHCTCTC 3').

Amplicon PCR for fishes using 12S primers

eDNA samples were amplified at a mitochondrial gene (12S) with primers developed by 

Riaz et al. (2011) and the same methods for library preparation as Gehri et al. (2021). Each 96- 

well plate contained 90 samples of eDNA with three positive and three negative PCR controls. 

Extracted DNA from Pacific Cod Gadus macrocephalus, a marine fish species not present within 

Michigan, was used as a positive control, while 3 μl of molecular grade water was used instead 

of template DNA for PCR negatives. PCR reactions were performed in 10-μl volumes using 3 μl 

of template eDNA and 7 μl of PCR master mix consisting of: 1 μl of New England Biolabs 10X 

Standard Taq Reaction Buffer, 0.2 μl of 10 mM dNTPs, 0.8 μl of 25 mM MgCl2, 0.5 μl of 20 

mg/ml bovine serum albumin (BSA), 0.3 μl of 1.25 U∕μl NEB Taq, 2.6 μl of molecular grade 

water, and 0.8 μl of 10 μM of each forward and reverse primer. The 12S primers were 

synthesized with an Illumina small RNA sequencing tail 

(5'CGACAGGTTCAGAGTTCTACAGTCCGACGATC 3') on the 5' end of the forward primer 

and an Illumina TruSeq read 2 sequence (5' 

GTGACTGGAGTTCAGACGTGTGCTCTTCCGATCT 3') on the 5' end of the reverse primer. 

The thermal cycler profile for the 12S amplicon PCR consisted of a 2-minute hold at 95oC, 

followed by 35 cycles of 30 seconds at 95oC, 30 seconds at 57oC, 30 seconds at 72C and a final 

extension of 5 minutes at 72C.
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Amplicon PCR for mussels using COI primers

COI primers were synthesized with the same Illumina tail sequences for the forward and 

reverse primers as the 12S primers. PCR reactions were performed in 10-μl volumes, using 3 μl 

of extracted eDNA and 7 μl of a PCR mastermix. In order to reduce the amplification of primer 

dimer that was observed using the same PCR conditions as the 12S PCR, the amounts of primer 

and water were altered to 3.4 μl of molecular grade water, and 0.4 μl of 10 μM forward and 

reverse primer, while all other reagent volumes and concentrations remained the same as the 12S 

PCR. Each 96-well plate included 90 eDNA samples, three positive controls, and three negative 

controls. For positive controls, we used 3 μl of extracted DNA from tissue samples of Eastern 

Floater Pyganodon cataracta, a unionid species not found in Michigan, while 3 μl of molecular 

grade water was used for the PCR negatives. PCR products were then cleaned to remove primer 

dimer and excess primers using a single-sided bead cleanup at 1X concentration (Beckman

Coulter AMPure XP beads) in 10-μl volumes. Following the clean-up, each sample was eluted 

into a 20-μl volume of TLE and 2 μl of PCR product was then used for the subsequent barcoding 

PCR.

Library preparation for fish metabarcoding

Libraries for fish 12S metabarcoding were prepared using the barcoding, normalizing, 

pooling, and bead size selection steps of the “genotyping in thousands by sequencing” (GT-Seq) 

protocol by Campbell et al. (2015) following methods described in Bootsma et al. (2020) and 

Gehri et al. (2021). Briefly, samples were ligated with Illumina-specific barcoding 

oligonucleotide sequences in a barcoding PCR reaction. Next, products of the barcoding PCR 
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were normalized using SequelPrep DNA normalization kits (Invitrogen, Carlsbad, CA). 

Normalized DNA was then pooled and cleaned using AMPure XP beads (Beckman-Coulter, 

Brea, CA) and a double-sided 0.5X and 1.2X concentration protocol. The prepared libraries were 

then visualized using E-gel EX 2% agarose cassettes, with a Power Snap Electrophoresis Device 

(ThermoFisher Scientific, Waltham, MA). Libraries were quantified using a Qubit 2.0 

fluorometer (ThermoFisher Scientific, Waltham, MA).

Library preparation for mussel metabarcoding

Preparation of libraries for mussel metabarcoding differed from the preparation of fish 

libraries in several ways. For the barcoding PCR, the Illumina i07 and i05 primers concentrations 

were reduced by half in order to reduce the formation of primer dimer that was observed during 

primer optimization. The barcoded PCR products were then pooled without normalization, and a 

single-sided cleanup using AMPure XP beads (Beckman-Coulter, Brea, CA) at 0.5X 

concentration was performed in order to target the removal of primer dimer in the libraries. The 

prepared libraries were then visualized using E-gel EX 2% agarose cassettes on a Power Snap 

Electrophoresis Device (ThermoFisher Scientific, Waltham, MA). Libraries were quantified 

using a Qubit 2.0 fluorometer (ThermoFisher Scientific, Waltham, MA).

All sequencing was performed on an Illumina MiSeq. The fish and mussel libraries were 

each prepared separately and run on a separate Illumina flow cell for sequencing. Because the 

12S fish and COI mussel amplicons differ in size, libraries for fish 12S used a single 150-cycle 

lane run with 2x75 base pair chemistry, while the mussel COI libraries were run with 150 cycles 

and 2x150 base pair chemistry.
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Data processing

Paired-end sequences were merged with the software FLASH 2 (Magoc and Salzberg 

2011) using the default parameters except that the maximum overlap was set to 10 bp. Merged 

reads were then processed using DADA2 (Callahan et al. 2016) within R version 4.1.0 (R Core 

Team 2021). After the Illumina adapter sequences were trimmed, only sequences of a minimum 

length were retained (200 bp for mussels, 142 bp for fishes), with the maximum number of 

expected errors specified as two. Chimeric sequences were removed using the consensus method 

and amplicon sequence variants (ASVs) were then blasted to the full NCBI database using the 

BLASTn utility. Only ASV sequences ≥ 98% similarity to NCBI sequences were retained. 

Remaining ASVs that were assigned to non-target species were removed from the data set. For 

example, ASVs that were assigned to species of terrestrial mammals such as Marmota monax, 

Sorex alpinus, and Bos taurus were removed as non-target species. Other ASVs that were 

assigned to fish or mussel species that are not present in Michigan based on distributional 

information from FishBase (https://www.fishbase.org), and Nature Explorer databases 

(https://explorer.natureserve.org) were removed. Full taxonomy of the remaining ASVs was 

determined using the R package NCBIwielder (Barry 2021). Any ASVs that matched a single 

species at 98% or higher similarity were assigned to that species. Next, if an ASV matched 

multiple species, it was assigned to the lowest shared taxonomic level of those species. For 

example, a group of fish ASVs assigned to Salmo trutta, Salvelinus spp., and Oncorhynchus spp. 

was assigned to the lowest shared taxonomic unit, subfamily Salmoninae. In order to attempt to 

control for contamination, the maximum number of reads found in the positive and negative 

controls for each taxon was subtracted from the samples. Only taxa that had more than four reads 
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after this subtraction were counted as present in a sample. Finally, after controlling for 

contamination, read counts were converted into presence or absence data.

Statistical analyses

A variety of data visualization and statistical analyses were conducted to assess potential 

differences in fish and mussel communities across the study area. Taxa accumulation curves 

were produced in the R package vegan (Oksanen et al. 2020) using the “exact” method, in order 

to visualize the rates of taxa detection across cumulative sampling replicates and locations. 

Curves were produced for the groups of sites in the Grand River watershed, and the other 

tributaries of Lake Michigan, and for June and August sampling events, in order to visualize any 

differences in taxa detections between those groups.

Non-metric multidimensional scaling (NMDS) plots were produced within the R package 

vegan (Oksanen et al. 2020) using the Bray-Curtis dissimilarity matrix. Because three ordination 

axes for the NMDS plots generally captured much of the variation within the groups and 

minimized stress values, three axes were used for all plots for consistency. NMDS plots were 

produced to visualize any potential differences in fish and mussel communities between and 

within the Grand River watershed and the tributaries of Lake Michigan, and between June and 

August sampling events.

Analysis of Similarities (ANOSIM) was performed within the R package vegan (Oksanen 

et al. 2020) to test for significant differences (α = 0.05) in fish and mussel communities between 

the Grand River watershed and tributaries of Lake Michigan, and between June and August 

sampling events. Wilcoxon-Rank Sum tests were used to test for differences (α = 0.05) in the 
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mean number of taxa detected between June and August sampling events, and between Grand 

River watershed and tributaries of Lake Michigan.

Indicator species analyses were performed using the R package indicspecies (Cáceres and 

Legendre 2009) to explore whether any taxa of fishes and mussels were found significantly more 

frequently in samples in the Grand River watershed versus Lake Michigan tributaries, or in June 

versus August samples. An indicator species analysis aims to determine if any taxa are detected 

significantly more frequently within an a priori determined group of samples, which might 

include different habitat or community types (Cáceres and Legendre 2009). The analysis is 

conducted on a community matrix that includes counts of different species detected at each site 

and a variable that classifies the different groups being tested (e.g., tributaries of Lake Michigan 

versus the Grand River watershed). In order to determine whether a species can be used as an 

indicator of differences between groups, an “indicator value” (INDVal) is then calculated. The 

value is based on relative abundance of a species and its relative frequency of occurrence in 

groups of sampling sites (Dufrene and Legendre 1997), and is calculated for each species i and 

group j as:

INDValij = Aij × Bij ×100

Aij = Nij / Ni ,

Bij = Sij / Si,

where Nij is calculated as the mean number of individuals of species i across sites of group j, and 

Ni is the sum of the mean numbers of individuals of species i across all groups, Sij is the number 

of sites in group j where i species is detected, and Sj is the total number of sites within that 
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group. An INDVal index is maximized when a species is detected only in one group and is found 

in all sites within that group (Dufrene Legendre 1997). Thus, the INDVal index is resistant to 

rare species detected in only a small number of locations within a group. Generalist species will 

occur across multiple groups of sites and therefore will not be an indicator of any individual 

group.

Within the indicspecies package, after the INDVal index is calculated, significance of the 

INDVal index is then calculated using random reallocation of sampling sites among site groups 

(Edgington 1987). The significance of indicator species analysis is evaluated as the difference 

between the observed value and the mean of values obtained through random permutation, which 

is weighted by the standard deviation of the values obtained through random permutation, similar 

to a z-statistic.

Results

General summary of results

For the COI mussel sequencing run, a total of 8,078,616 paired-end reads were obtained, 

with an average of 13,157 reads per sample. After merging, filtering, and chimera removal, 786 

ASVs remained. After quality filtering, removal of non-mussels, and removal of mussel taxa not 

extant within our study region, 340 ASVs remained, which assigned to 21 unique mussel taxa. 

Of the 21 mussel taxa we detected, 19 were resolved to a single species, and two were assigned 

to a genus (Table 1). Across all study sites, the number of mussel taxa detected per site ranged 

from 0 to 14, with a median of 3.
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One species of mussel, Epioblasma triquetra, was present early in the bioinformatic 

analysis, but was removed completely as a result of our quality filtering steps. The subtraction of 

the maximum number of read counts detected across positive and negative controls from all 

samples resulted in the loss of detection of E. triquetra. High read counts of E. triquetra in 

positive and negative controls were likely the result of laboratory contamination during our 

primer and lab workflow development, when tissue samples of E. triquetra were amplified in 

PCR reactions. No other species of mussels that we amplified in tissue samples had high read 

counts across positive and negative controls. As a result, we are confident that the contamination 

was limited to E. triquetra, and that we successfully controlled for this contamination with this 

bioinformatic filtration step.

For the 12S fish sequencing run, a total of 10,431,628 paired-end reads were obtained 

from 630 total samples, with an average of 16,558 reads per sample. After merging, filtering for 

size, and chimera removal within DADA 2, 1,613,992 reads (15.47%) remained, which 

corresponded to 485 ASVs. Next, because the objective of this study was not to identify 

potentially invasive species, we removed ASVs of fish which are not known to be extant in the 

study region. After quality filtering, removal of non-fish, and removal of fish taxa not known to 

be extant within our study region, 189 ASVs remained, which assigned to 46 unique fish taxa. Of 

the 46 unique fish taxa we detected, 32 were resolved to a single species, nine were assigned to a 

genus, one to subfamily, and four to family (Table A2). Across all study sites, the number of fish 

taxa detected ranged from 2 to 24, with a median of 14 taxa detected per sampling site.
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Taxa detections by study region

Mussel taxa detections per sampling location were higher in the Grand River watershed 

compared to Lake Michigan tributaries (Figures 2A, 3, and 4). The mean number of mussel taxa 

detected per sampling location was 3.9 in the Grand River watershed, and 0.79 in the tributaries 

of Lake Michigan, which were significantly different (Wilcoxon-Rank sum W=776.5 p = 

0.000016). Mussel taxa detected per site ranged from 0 to 14 within the Grand River watershed 

and 0 to 4 in Lake Michigan tributaries. Within the Lake Michigan tributaries, 13 sites had 0 

detections of mussels, and seven sites (site numbers 2, 20, 16, 7, 13, 10, and 6) had at least one 

taxon detected. The Kalamazoo River had the most mussel taxa detections of the Lake Michigan 

tributaries, with four. Within the Grand River watershed, the Grand River upstream of Plaster 

Creek had the most mussel taxa detected, with 14, while 8 sites had zero mussel taxa detected 

(sites 26, 31, 32, 33, 45, 47, 54, and 60). Within the Grand River, we detected the highest mussel 

diversity in the middle to lower middle reaches of the watershed, while the farthest upstream 

locations generally had lower numbers of mussel taxa detected (Figure 3).

We detected 2-24 fish taxa per sampling location within the tributaries of Lake Michigan 

and 7-20 fish taxa within the Grand River watershed (Figure 2B, 3, and 5 ). Within the 

tributaries of Lake Michigan, the site with the fewest fish taxa detected was the Dowagiac River 

(site 19) and the site with the most fishes detected was the Muskegon River (site 13). Within the 

Grand River watershed, the site with the fewest fish taxa detected was the Grand River in Lyons 

(site 38) with seven fish taxa detected, and site with the most fish taxa was the Grand River 

upstream of Deer Creek (site 65) with 20 fish taxa detected. The mean number of fish taxa 

detected per sampling location in the Grand River watershed was 10.62, while the mean in the 
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other Lake Michigan tributaries was 10.28, which were not significantly different (Wilcoxon- 

Rank Sum W = 2057.5, p = 0.64) (Figure 3).

Differences in fish and mussel community structure between study regions

An NMDS plot of mussel detections between the Grand River watershed and the 

tributaries of Lake Michigan indicated there were no distinct groups within the plot (Figure 6). 

However, there was a statistically significant difference between mussel communities detected 

between the Grand River watershed and Lake Michigan tributaries (ANOSIM R=0.302, 

p=0.0076). Eight mussel taxa were detected significantly (p<0.05) more frequently in the Grand 

River watershed compared to Lake Michigan tributaries based on the indicator species test: 

Lampsilis cardium, Amblema plicata, Fusconaia flava, Actinonaias ligamentina, Lasmigona 

spp., Quadrula quadrula, Pleurobema sintoxia, and Cyclonaias pustulosa. No mussel taxa were 

found more frequently in the tributaries of Lake Michigan compared to the Grand River 

watershed.

Communities of fish taxa differed between the Grand River watershed and the Lake 

Michigan tributaries, with those two groups generally clustering apart from one another in an 

NMDS plot (Figure 7). There was a statistically significant difference between the fish 

communities detected within the Grand River watershed and Lake Michigan tributaries 

(ANOSIM R=0.672, p=0.0001). Two fish taxa were significantly associated with the Grand 

River watershed based on the indicator species analysis: Cyprinella spiloptera (p = 0.0004) and 

Lepomis cyanellus (p = 0.0414), but no fish taxa were significantly associated with the Lake 

Michigan tributaries.
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Differences in communities across sampling events

An NMDS plot for mussel detections, in all sampling sites, between June and August 

sampling events indicated that there were no distinct groups of sites in the plot (Figure 8). There 

was not a statistically significant difference in the mussel communities detected between June 

and August sampling events (ANOSIM R=0.019, p=0.091). A Wilcoxon-Rank Sum test did not 

indicate any differences in the mean number of taxa detected, with mean numbers of mussel taxa 

detected per site of 2.93 in June, and 2.46 in August. An indicator species analysis revealed that 

one taxa of mussel, Pleurobema sintoxia, was found significantly more frequently in the June 

sampling compared to August (p=0.01).

There was not a distinct pattern of separation visible in the NMDS plot of fish taxa 

detections over all sampling sites between June and August sampling events (Figure 9), but an 

ANOSIM test revealed a significant difference (R= 0.1179, p=0.0001). A Wilcoxon-Rank Sum 

test revealed that the mean number of fish taxa detected in August was significantly higher than 

in June (Wilcoxon Rank Sum W=1188.5, p<0.0001), with a mean of 9.2 taxa detected in June 

and 12.01 in August. With the indicator species analysis, we detected 13 fish taxa significantly 

(p<0.05) more often in August compared to June sampling events: Micropterus salmoides, 

Lepomis cyanellus, Percina maculata, Lepomis spp., Lepomis macrochirus, Cyprinella 

spiloptera, Etheostoma nigrum, Moxostoma spp., Micropterus dolomieu, Minytrema melanops, 

Dorosoma cepedianum, Etheostoma spp., and Lepisosteus spp. There were no fish taxa detected 

more often in June samples.
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Fishes and mussels at locations of high mussel diversity

Within the Grand River watershed, the mean number of mussel taxa detected per 

sampling location was 3.9. There were 23 sampling locations that had five or more mussel taxa 

detections across the two sampling events, which we considered as high diversity sites. There 

were 14 sampling locations that had fewer than 4, but at least one mussel species detected, which 

we classified as low diversity sites (Figure 10). An indicator species analysis was performed 

between the high diversity sites and low diversity sites in order to determine if any fish species 

were associated with either group of sites. Three fish taxa were found significantly more 

frequently in the high mussel diversity sites (Cyprinella spiloptera p=0.003, Moxostoma spp. 

p=0.02, and other Catastomidae spp. p=0.0004), while four fish taxa were found significantly 

more frequently in the low diversity mussel sites (Perca flavescens p=0.016, Semotilus 

atromaculatus p=0.016, Ethesotoma nigrum p=0.03, and Culea inconstans p=0.04).

The mussel species Lampsilis siliquoidea (p=0.0353) was found significantly more 

frequently in the low diversity mussel sites, while Amblema plicata, Lampsilis cardium, 

Quadrula quadrula, Cyclonaias pustulosa, Fusconaia flava, Ligumia recta, Strophitus 

undulatus, Cyclonaias tuberculata, Pleurobema sinotxia, Actinonaias ligamentina, and 

Lasmigona spp. were found significantly (p<0.05) more frequently in the high diversity sites.
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Discussion

Validating eDNA as a tool for detecting fishes and mussels in Michigan and comparison with 
previous studies

We were able to demonstrate the effectiveness of eDNA as a sampling method for the 

paired detection of fishes and unionid mussels across a variety of habitats within a large area 

of Michigan's lower peninsula. We detected differences in fish and mussel communities across 

sampling locations, and between sampling events, as well as differences in fish communities 

between areas of high and low mussel diversity. Due to the importance of fishes in the life cycle 

of mussels and the shared environmental requirements of the two taxa, the ability to 

simultaneously survey for the two groups is an important tool for their conservation. Our 

research demonstrates the effectiveness of a multi-marker eDNA metabarcoding approach to 

simultaneously detect both fish and mussel taxa in easily collected water samples.

Previous research has demonstrated the ability of eDNA metabarcoding to detect fish 

taxa within a similar geographic region as this study. For instance, Euclide et al. (2021) used the 

same 12S fish primer we did to detect 53 fish taxa in seven lakes and two Mississippi River 

pools in Wisconsin. Using the same 12S primer used in this study, and an additional 16S fish 

primer, Sard et al. (2019) sampled eight Michigan lakes, and detected 95% +/- 5% of all species 

of fishes detected with traditional gear. Gehri et al. (2021) used the same 12S and 16S fish 

primers as Sard et al. (2019) but found that eDNA detected far more taxa than traditional gear, 

including many of the same fish taxa we detected. While these studies all had different sampling 

sites and study goals, we detected similar numbers of fish taxa, and similar taxonomic groups.

In a study on Great Lakes tributaries in southwestern Ontario, near our study area, 

Coghlan et al. (2021) designed two metabarcoding assays that detected the majority of mussel 

39



species known to be present, both in the field and in mock communities. While Coghlan et al. 

(2021) used different primers than our study, they detected 31 unique mussel taxa, with nearly 

total overlap with the 21 taxa we detected. The high concordance between our data and previous 

studies using the same and different primers gives us high confidence that our eDNA methods 

are accurate and reproducible.

While it was not expected that our single primer for mussels would identify all 32 species 

of mussels present in the Grand River, it is worth noting that our mussel primer set does exhibit 

shortcomings in identifying members of the tribe Anodontini of mussels to the species level. 

Anodontini includes the two taxa which we were unable to resolve to the species level, 

Pyganodon and Lasmigona, and also includes the genus Alasmidonta, which was not detected in 

any of our samples despite having two commonly occurring species extant within our study 

region.

Similarly, we did not expect to detect every one of the 153 species of fishes present in 

Michigan, nor all of the 108 species of fishes present within the Grand River watershed with our 

single 12S eDNA assay. However, it is worth noting that the 12S fish primer we used does not 

exhibit high resolution within Salmonidae, Cyprinidae, Catostomidae, Lepomidae, and 

Etheostoma. We also had no detections of Petromyzontidae, Acipenseridae, Polyodontidae, 

Hiodontidae, Cobitidae, or Moronidae, all of which are extant within our study region.

Differences in fish and mussel communities in the Grand River versus Tributary outlets to 
Lake Michigan

While the mean number of fish taxa at a sampling location did not differ between the 

Grand River and other Lake Michigan tributaries, there were substantial differences in the 
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communities of fish taxa detected between the two major areas in the project. Two fish species, 

Cyprinella spiloptera and Lepomis cyanellus, were detected significantly more frequently in the 

Grand River watershed. Differences in fish communities are likely influenced by variation in 

habitat characteristics such as water temperature, water chemistry, productivity, and 

hydrology. For instance, Cyprinella spiloptera prefers sand and gravel runs and pools, and 

Lepomis cyanellus prefers quiet pools and backwaters near vegetation (Page and Burr 2011). 

These particular habitats may be more common in the larger Grand River watershed (drainage 

area ~14,500 km2) compared to many of the smaller Lake Michigan tributaries we sampled 

(most <1,000 km2). Although we did not explicitly measure any habitat or water chemistry 

variables as part of this study, the presence/absence data here provide a foundation for a more 

formal assessment of habitat influences on community structure in the future.

The number of mussel taxa detected by site differed between the Grand River and 

tributaries of Lake Michigan, with the Grand River having substantially more mussel detections. 

The maximum number of mussel taxa detected for a given location within the tributaries of Lake 

Michigan was four, compared to 14 in the Grand River. Sites 2, 7, 13 and 16 (Pigeon, Manistee, 

Muskegon, and Kalamazoo respectively) had the most mussel taxa detected of the tributaries of 

Lake Michigan (2-4 taxa per site), and these are among the largest watersheds in Michigan with 

the exception of the Pigeon River. Haag (2012) found that in the upper Mississippi River basin, 

headwater streams generally had low diversity and small populations of mussels, but diversity 

and abundance both rapidly increased with increasing size of rivers. Because smaller streams are 

subject to highly variable streamflow and are more susceptible to disturbances, these systems 

typically have short lived, smaller mussel species, with lower overall diversity (Haag 2012). As 

river size increases, habitat heterogeneity increases, and the habitats that support mussels become 
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more abundant, and more diverse, and mussel diversity typically increases as a result (Haag 

2012). We observed a similar trend within the Grand River, where the headwater sampling 

locations had a lower diversity of mussels, and the number of species detected increased as we 

sampled locations farther downstream, with the highest number of species detected in the 

middle-lower sections of the river (Figure 3). This pattern of increasing species richness as river 

size increases is not only consistent with Haag's (2012) findings, but also with the River 

Continuum Concept (RCC) proposed by Vannote et al. (1980). In the RCC, species richness 

increases with increasing river size, with the highest diversity in mid-order sized rivers, after 

which species richness tends to decline in very large, high-order rivers. We also observed a trend 

of declining mussel diversity in the very lowest downstream sampling sites within the Grand 

River. We hypothesize that the lowest reaches of the Grand are less supportive of diverse mussel 

species assemblages due to more homogenous and lacustrine habitat, as this section of the river 

is generally slow moving, deep, and channelized. Our sampling locations for the tributaries of 

Lake Michigan were all near Lake Michigan, in the lowest reaches of the rivers, where 

environmental conditions may be more similar to the lowest reaches of the Grand River. It is 

possible that if we had sampled farther upstream in the Lake Michigan tributary watersheds, we 

might have detected areas of higher mussel diversity, as we did in the Grand River farther from 

Lake Michigan. Finally, it should be noted that for this project, our sampling effort was highly 

focused on the Grand River watershed, with many locations within the Grand River sampled 

compared to one location on each of the tributaries of Lake Michigan.

Unionid mussels typically exist in diverse multispecies assemblages (Vaughn 1997), and 

we detected eight mussel taxa significantly more frequently within the Grand River compared to 

Lake Michigan tributaries. Prior to sampling, we expected that the Grand River would have 
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higher diversity of mussels compared to the Lake Michigan tributaries, because 32 of the 45 

mussel species native to Michigan have been documented in the Grand River (Badra and Goforth 

2002). Among the Lake Michigan tributaries, the Manistee River is known to be relatively 

biodiverse, with a previous survey identifying 11 species of mussels being present, either live or 

as shells (Badra and Goforth 2003). We detected four mussel taxa in the Manistee River, but 

only sampled one location in the lowest reach of the river. Although we sampled tributaries of 

Lake Michigan in only one location, and the Grand River in many locations, our sampling effort 

generally detected more mussels at rivers with higher documented mussel diversity.

Fishes and mussels associated with areas of high and low mussel diversity

The fish communities we detected in areas of high mussel diversity were different from 

those at areas of low mussel diversity. Fish taxa detected significantly more frequently in areas 

of high mussel diversity included one family (Catastomidae), one genus (Moxostoma) and one 

species (spotfin shiner; Cyprinella spiloptera). Catastomidae is a diverse family of fishes, with 

15 species found in Michigan (MI DNR). The genus Moxostoma represents much of the 

catastomid diversity in Michigan, with seven native species present. Native Michigan 

Catastomidae, Moxostoma, and Cyprinella spiloptera are documented potential hosts for 

glochidia of at least six, four, and seven Michigan mussel species, respectively (Howard and 

Anson 1922; Fuller 1980; Hove 1995; Hove et al. 1995, 2014; Weiss and Layzer 1995; Boyer et 

al. 2011; Bloodsworth et al. 2013; Thomason et al. 2013; Marr et al. 2016). In addition, some 

Moxostoma species feed on mussels, further explaining the occurrence of Moxostoma in high 

mussel diversity locations (Eastman 1977).
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We detected four fish species (Perca flavescens, Semotilus atromaculatus, Ethesotoma 

nigrum, and Culaea inconstans) significantly more frequently in locations with low mussel 

diversity. In natural or laboratory conditions, P. flavescens, S. atromaculatus, E. nigrum, and C. 

inconstans have been documented as hosts for the glochidia of at least 11, 6, 7, and 6 native 

Michigan unionid species respectively (Howard 1914; Coker et al. 1921; Matteson 1955; Clarke 

et al. 1959; Clarke 1981; Trdan and Hoeh 1982; Hillegass and Hove 1997; Steg and Neves 1997; 

Watters and O'Dee 1997; Cliff et al. 2001; Watters et al. 2005, 2009; Allen et al. 2007; 

Bloodsworth et al. 2013; Hove et al. 2013, 2014, 2016; Thomason et al. 2013; Leonard et al. 

2014; Schroeder et al. 2014; Gibson et al. 2015; Marr et al. 2016). C. inconstans, P. flavescens, 

and E. nigrum are typically found in lakes or very slow water of rivers (Page and Burr 2011). 

One possible explanation for the high abundance of these three fish species at areas of low 

mussel diversity is that some of these sampling locations correspond to slow areas within the 

Grand River, where slow water fish species would thrive. The other fish species associated with 

areas of low mussel diversity, S. atromaculatus, prefers small rivers and creeks (Page and Burr 

2011). Some of the sampling locations corresponding to low mussel diversity are small rivers 

and creeks, which would not support high mussel diversity, but would be preferred habitat for S. 

atromaculatus.

Though host fish must be present in order for mussels to reproduce, the host fishes and 

respective mussel species may have some differences in habitat preferences. Daniel et al. (2018) 

modeled habitat suitability for 11 Michigan unionid mussels, finding that both fish species 

richness and abiotic variables contributed significantly to habitat suitability. Previously, Schwalb 

et al. (2013) found that the presence of host fishes explained 44% of the variation in mussel 

species composition within southwestern Ontario Great Lakes tributaries. However, they also 
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found that watershed identity and environmental factors explained 28% and 23% of mussel 

species composition, respectively. The authors further noted that several environmental variables 

that influence mussel distribution, such as substrate stability and water chemistry, were not 

included in their model, and thus the importance of environmental factors on mussel distribution 

may have been underestimated. We hypothesize that although areas of low mussel diversity had 

significantly higher detections of four fish species that are known unionid glochidia hosts, 

differences in habitat preference between most Michigan mussels and those four fish taxa are 

likely responsible for the presence of these known unionid fish hosts at areas of low mussel 

diversity.

We found that 11 mussel taxa were detected significantly more frequently in the areas of 

high mussel diversity, while one species was found significantly more frequently in areas of low 

mussel abundance. While unionids typically exist in diverse multi-species assemblages, 

differences in habitat preference have been documented between species. For instance, the 

species we detected more frequently in areas of low mussel diversity, L. siliquoidea, is more 

typically found in lakes, and smaller streams, and is rarely found in larger rivers (van der Schalie 

1938). Conversely, previous research has shown that larger rivers support higher diversity and 

abundance of unionids and fishes (Watters 1992; Ford et al. 2016). Generally, the sampling 

locations in which we detected high mussel diversity were in the Grand River, which is a much 

larger river compared to the tributaries of the Grand River, where we often found low mussel 

diversity.
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Differences in taxa detections across sampling events

We generally detected more fish taxa in August than in June, while there was no 

difference in mussel detections between the two sampling events. Measurements from United 

States Geological Survey (USGS) flow gauges indicated that during June sampling events the 

discharge of the rivers we sampled were typically much higher compared to August. For 

example, the measurement for discharge of the Grand River near Ionia was around 85 M3 S-1 

when sampled in June, and measured around 24 M3 S-1 during August sampling. In general, 

rivers were also much more turbid, and cooler in temperature in June, compared to August. 

Water chemistry-related factors such as greater eDNA decay rates in warmer temperatures 

(Eichmiller et al. 2016), as well as the distance that eDNA is transported, could affect eDNA 

detection. However, because we detected more fishes when the water temperatures were higher, 

this pattern of faster decay rates in warmer water does not explain the difference in fish detection 

between sampling events. Further, the rates of mussel detections did not change from June to 

August, which may support a different source of variation in fish detection.

One possible explanation for the difference in fish detection but no difference in mussel 

detection between June and August is that fish distributions can change throughout the year, 

while mussels are nearly sessile. It has been demonstrated that several of the fish species in 

Michigan exhibit seasonal movements between different habitats (Daugherty and Sutton 2005; 

DePhilip et al. 2005; Chorak et al. 2019), and eDNA monitoring can detect seasonal shifts in fish 

occupancy. For example, Erickson et al. (2017) used a qPCR eDNA assay for the monitoring of 

two invasive carp species and found seasonal differences in their detection, which was linked to 

seasonal differences in occupancy of the carp. Our differences in fish detections are likely 

reflecting the seasonal movements of these fishes in the study area.
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The differences in fish detection across sampling events highlights the importance of 

multiple sampling events at different points in time, in order to maximize the detection of species 

that may be present only during a portion of the year. In addition, the lack of difference we found 

in the detection of mussel species between sampling events is encouraging, because the June 

sampling event occurred when traditional survey methods would likely not have been possible 

due to high turbid water.

Conclusion

Multiple marker eDNA metabarcoding with the purpose of amplifying diverse groups of 

taxa is a burgeoning area of eDNA research. We used two eDNA markers to simultaneously 

monitor fishes and mussels without adding any additional field effort, which enhanced the cost

effectiveness our research effort. We were able to detect differences in the fish and mussel 

communities across sampling areas and sampling events. In addition, we were able to identify 

fish species that associated with areas of high mussel diversity.

The use of multiple metabarcoding assays will enable future researchers to monitor many 

biotic components of an ecosystem in a single sampling effort. In addition to multi-marker 

eDNA, extracted eDNA collected for one project can easily be re-purposed for a different project 

and group of taxa. For instance, Dysthe et al. (2018) used eDNA samples that were originally 

collected for Bull Trout (Salvelinus confluentus) surveys and re-purposed them for the detection 

of a commonly co-occurring freshwater mussel species Margaritifera falcata. We recommend 

that future eDNA monitoring and research studies implement multiple markers, when possible, 

to capture as much of the target communities as possible within the region of interest.
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Figures

Figure 1 Map of the study area. a) Tributary outlets into Lake Michigan (sites 1-20) with inset box of the 
Grand River watershed (sites 21-70). b): Sampling locations in the Grand River watershed. Points on the 
map with multiple site numbers correspond to the tributaries of the Grand River and locations on the 
mainstem Grand River that were sampled upstream and downstream of each tributary confluence.
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Figure 2 Taxa accumulation curves. A) Mussel taxa accumulation curves with the number of taxa 
detected on y axis, and the number of sites sampled on the x-axis. B) Fish taxa accumulation curves, with 
the number of taxa detected by the number of sites sampled. Gray shading represents the standard 
deviation of the expected number of detections of taxa. Note that the y-axis scales differ between panels 
A and B.

60



Figure 3 Bar plot of fish and mussel taxa detected by sampling location. Tributary outlets of Lake 
Michigan are sites ordered from farthest North (site 1) to farthest South (site 20). Grand River sites are 
ordered from farthest upstream (site 21) to farthest downstream and (site 70). For each sampling location, 
all replicates for both sampling events were summed and taxa were counted as either present or absent. 
Note that the lowest location on the Grand River is site 15, presented here with the tributary outlets of 
Lake Michigan.
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Figure 4 Heatmap of the number of mussel taxa detections for all sampling locations (tributaries of Lake 
Michigan as well as the Grand River). All three replicates taken at each site at each season were 
combined such that the number of detections (0-6) reflects the number of replicates with a positive 
detection. Taxa are ordered phylogenetically.
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Figure 5 Heatmap of the number of fish taxa detections by sampling location. All three replicates taken at 
each site at each season were combined such that the number of detections (0-6) reflects the number of 
replicates with a positive detection. Taxa are ordered by total number of detections.
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Figure 6 Non-metric multidimensional scaling (NMDS) plot of all sampling sites (denoted by numbers) 
displaying mussel taxa detections across both sampling events, for the Grand River watershed vs. other 
Lake Michigan tributary sites. Mussel taxa displayed are the 10 highest loading taxa on axes 1 and 2.
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Figure 7 Non-metric multidimensional scaling (NMDS) plot of all sampling sites (denoted by numbers) 
displaying fish detections across both June and August sampling events, for the Grand River watershed 
vs. other Lake Michigan tributary sites. Fish taxa displayed are the 10 highest loading taxa on axes 1 and 
2.
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Figure 8 Non-metric multidimensional scaling (NMDS) plot displaying mussel detections by sampling 
event, throughout the whole study area. Taxa displayed are the highest loading on NMDS axes 1 and 2.
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Figure 9 Non-metric multidimensional scaling (NMDS) plot of all sampling sites with fish taxa 
detections, by sampling event. Taxa displayed have the ten highest loading taxa on axes 1 and 2.
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Figure 10 (A) Number of mussel taxa detected at high mussel diversity sites (i.e., those with five or more 
mussel taxa detected), and (B) number of detections of the 20 most abundant fish taxa at the high mussel 
diversity sites.
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Tables
Table 1. Mussel taxa that were detected in eDNA samples, their known host species, and their Michigan 
state conservation status. Known host fishes listed are natural glochidia infestations, except those denoted 
with an *, which are laboratory infestations (Freshwater Mussel Host Database 2017). Lasmigona and 
Pyganodon genera were not resolved to the level of species, and listed are the possible species extant 
within Michigan.

Subfamily Tribe Taxa detected in 
eDNA

Common
name

Host fish Michigan 
conservation 
status

Anondontinae Anodontini Lasmigona (L. 
costata, L. 
complanata, L. 
compressa are 
extant within study 
region)

Fluted Shell
White 
Heelsplitter
Creek 
Heelsplitter

Pyganodon
(P. grandis and P. 
lacustris are extant 
within study region

Giant Floater
Lake Floater

Strophitus 
undulatus

Creeper Semotilus 
atromaculatus, 
Luxilus cornutus

Not listed

Utterbackia
imbecillis

Paper
Pondshell

Semotilus 
atromaculatus, 
Lepomis 
macrochirus, 
Lepomis 
marginatus, 
Lepomis gulosus, 
Gambusia affinis

Not listed

Ambleminae Amblemini Amblema plicata Threeridge Generalist Not listed
Lampsilini Actinonaias

Iigamentina
Mucket Generalist Not listed

Lampsilis cardium Plain
Pocketbook

Sander canadensis, 
Pomoxis annularis

Not listed

Lampsilis 
siliquoidea

Fatmucket Generalist:
Centrarchidae,
Percidae, Ictaluridae

Not listed

Leptodea fragilis Fragile
Papershell

Aplodinotus 
grunniens

Not listed

Ligumia recta Black
Sandshell

Anguilla rostrata,
Lepomis 
macrochirus,
Pomoxis annularis, 
Sander canadensis

Endangered

Potamilus alatus Pink
Heelsplitter

Aplodinotus 
grunniens

Not listed

Toxolasma parvum Lilliput Lepomis gulosus Endangered
Truncilla truncata Deertoe Aplodinotus 

grunniens, Sander 
canadensis

Special Concern
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Table 1. Continued.

Venustaconcha
ellipsiformis

Ellipse Genaralist:
Etheostoma,
Percina, Cyprinidae

Special concern

Cambarunio iris Rainbow Generalist * Special Concern

Pleurobemini Eurynia dilatata Spike Generalist:
Ictaluridae, 
Centrarchidae, 
Percidae, Clupeidae

Not listed

Fusconaia flava Wabash Pigtoe Pomoxis annularis,
Pomoxis 
nigromaculatus

Not listed

Pleurobema 
sintoxia

Round Pigtoe Lepomis 
macrochirus

Special concern

Quadrulini Quadrula quadrula Mapleleaf Pylodictis olivaris, 
Ameiurus natalis

Not listed

Cyclonaias 
pustulosa

Pimpleback Generalist: 
Ictaluridae, 
Acipenseridae, 
Centrarchidae

Not listed

Cyclonaias 
tuberculata

Purple
Wartyback

Ictaluridae * Threatened
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General Conclusion

The initial goal of this project was to validate eDNA as a method for monitoring unionid 

mussel biodiversity within Michigan waters. However, because of the ease with which we could 

add fish monitoring to this project, we did. We were able to do this without any additional field 

work, and without much extra lab work. This resulted in a relatively low cost per sample, for the 

monitoring of these two groups of taxa. In addition, because unionid mussels exhibit an obligate 

parasitic larval stage that is dependent upon fishes, the simultaneous monitoring of fishes and 

mussels was a logical pairing. Several previous research efforts have utilized eDNA to 

simultaneously monitor multiple groups of aquatic taxa, ranging from the paired detection of 

fishes and amphibians (Valentini et al. 2016), to an ambitious effort that detected members 

belonging to 287 different families of eukaryotes within a tropical marine environment (Stat et 

al. 2017). We suggest that future eDNA studies could easily monitor for multiple groups of taxa, 

and those studies focused on mussels could also easily incorporate a fish-specific marker.

This study demonstrates the relative ease with which a small field crew can effectively 

collect eDNA samples from many locations in a short amount of time. In the June sampling 

event two individuals were able to collect and filter eDNA water samples, from 69 sampling 

locations across Michigan, in the span of eight days. In the August sampling event, one person 

was able to complete the same amount of sampling alone, in nine days. It would not have been 

possible to use standard fisheries techniques to sample a similar number of locations, in the same 

amount of time, with only one or two people. Being able to complete sampling with a small crew 

of one to two people was particularly useful because the field season for this project 

corresponded with the COVID-19 pandemic, and eDNA is easily collected while adhering to 

social distancing guidelines. Further, fieldwork only required equipment for eDNA collection 
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and filtration, and as a result it was completed while working out of a rental car and motels, 

while accessing rivers on foot. There was no need for the use of waders, nets, boats or other 

fisheries gear, and only disposable sterile equipment came in contact with the water. As a result, 

we could responsibly and quickly move from one sampling location to the next, without stopping 

to decontaminate equipment such as boats, nets, and waders. This vastly increased the efficiency 

of our sampling effort and enabled us to sample up to nine locations in a single day.

While traditional sampling techniques such as quadrat sampling, electrofishing, and 

various netting and seining will continue to be invaluable methods to monitor mussels and fishes, 

eDNA is an effective supplement to these techniques. In many cases, such as threatened, 

endangered or invasive species, organisms exist in low densities which are difficult to detect 

with traditional methods, but at levels that are detectable with eDNA (Gu and Swihart 2004; 

Jerde et al. 2011; Wilcox et al. 2016; Sard et al. 2019). The paucity of distributional data for 

many species is a major obstacle in their conservation (Girardello et al. 2018). Because eDNA is 

particularly useful for quickly obtaining species distribution data (Thomsen et al. 2012), we 

suggest that it should be widely utilized for this purpose.
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Appendix

Table A 1: Sampling locations, sampling site numbers, and dates sampled.

Sampling location
Site 
number Latitude Longitude

June sampling 
date

August sampling 
date Project portion

Pigeon River 1 45.40375 -84.53489 June 8, 2020 August 17, 2020
Lake Michigan 
tributary

Crystal River 2 44.9031 -85.97468 June 9, 2020 August 15, 2020
Lake Michigan 
tributary

Rapid River 3 44.84539 -85.30732 June 9, 2020 August 15, 2020
Lake Michigan 
tributary

Otter Creek 4 44.7616 -86.07397 June 9, 2020 August 15, 2020
Lake Michigan 
tributary

Boardman River 5 44.73063 -85.61668 June 9, 2020 August 15, 2020
Lake Michigan 
tributary

Platte River 6 44.67073 -86.03885 June 9, 2020 August 15, 2020
Lake Michigan 
tributary

Manistee River 7 44.26478 -86.29573 June 9, 2020 August 15, 2020
Lake Michigan 
tributary

Little Manistee River 8 44.2093 -86.27602 June 10, 2020 August 14, 2020
Lake Michigan 
tributary

Big Sable River 9 44.10269 -86.33036 June 10, 2020 August 14, 2020
Lake Michigan 
tributary

Pere Marquette River 10 43.93232 -86.41734 June 10, 2020 August 14, 2020
Lake Michigan 
tributary

Pentwater River 11 43.76299 -86.39407 June 10, 2020 August 14, 2020
Lake Michigan 
tributary

White River 12 43.4644 -86.23238 June 10, 2020 August 14, 2020
Lake Michigan 
tributary

Muskegon River 13 43.2657 -86.24692 June 10, 2020 August 14, 2020
Lake Michigan 
tributary

Black Creek 14 43.20074 -86.16499 June 10, 2020 August 14, 2020
Lake Michigan 
tributary

Grand Grand Haven 15 43.07452 -86.21807 June 10, 2020 August 14, 2020 Both

Kalamazoo River 16 42.64522 -86.18909 June 17, 2020 August 8, 2020
Lake Michigan 
tributary
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Table A 1 Continued

Black River 17 42.41521 -86.25803 June 17, 2020 August 8, 2020
Lake Michigan 
tributary

Spring Brook 18 42.36554 -85.52866 June 11, 2020 August 8, 2020
Lake Michigan 
tributary

Dowagiac River 19 41.84468 -86.2629 June 17, 2020 August 7, 2020
Lake Michigan 
tributary

Galien River 20 41.80934 -86.71423 June 17, 2020 August 7, 2020
Lake Michigan 
tributary

Center Lake 21 42.22906 -84.32635 June 11, 2020 August 8, 2020 Grand River basin

Grand upstream of Portage 22 42.30585 -84.39944 June 11, 2020 August 8, 2020 Grand River basin

Portage River 23 42.3121 -84.38702 June 11, 2020 August 8, 2020 Grand River basin

Grand downstream of Portage 24 42.34187 -84.40196 June 11, 2020 August 8, 2020 Grand River basin

Grand upstream of Onandaga 25 42.48083 -84.58064 June 11, 2020 August 9, 2020 Grand River basin

North Onandaga 26 42.50012 -84.58119 June 11, 2020 August 9, 2020 Grand River basin

Grand downstream of 
Onandaga 27 42.49969 -84.63087 June 11, 2020 August 9, 2020 Grand River basin

Grand upstream of Red Cedar 28 42.72413 -84.55032 June 12, 2020 August 9, 2020 Grand River basin

Red Cedar River 29 42.72346 -84.54827 June 11, 2020 August 9, 2020 Grand River basin

Grand downstream of Red 
Cedar 30 42.72511 -84.54567 June 12, 2020 August 9, 2020 Grand River basin

Grand upstream of Sandstone 31 42.75808 -84.75624 June 12, 2020 August 9, 2020 Grand River basin

Sandstone Creek 32 42.75811 -84.76146 June 12, 2020 August 9, 2020 Grand River basin

Grand downstream of 
Sandstone 33 42.76039 -84.75874 June 12, 2020 August 9, 2020 Grand River basin

Grand upstream of Looking 
Glass 34 42.87075 -84.90344 June 12, 2020 August 10, 2020 Grand River basin

Looking Glass River 35 42.87041 -84.90045 June 12, 2020 August 10, 2020 Grand River basin
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Grand downstream of Looking
Glass 36 42.87192 -84.9021 June 12, 2020 August 10, 2020 Grand River basin

Grand Lyons West 37 42.98392 -84.94958 June 13, 2021 Not sampled Grand River basin

Grand Lyons East 38 42.98351 -84.94929 June 12, 2020 August 10, 2020 Grand River basin

Grand 200 m below Lyons 39 42.98491 -84.94569 June 13, 2021 August 10, 2020 Grand River basin

Grand 1 km below Lyons 40 42.99086 -84.94212 June 13, 2021 August 10, 2020 Grand River basin

Maple River 41 42.99597 -84.95396 June 13, 2021 August 10, 2020 Grand River basin

Grand downstream of Maple 42 42.99147 -84.96702 June 13, 2021 August 10, 2020 Grand River basin

Grand upstream of Prairie 43 42.97927 -84.02628 June 14, 2020 August 11, 2020 Grand River basin

Prairie Creek 44 42.98554 -85.0265 June 14, 2020 August 10, 2020 Grand River basin

Grand downstream of Prairie 45 42.97726 -85.03177 June 14, 2020 August 11, 2020 Grand River basin

Grand upstream of Flat 46 42.9292 -85.33131 June 14, 2020 August 11, 2020 Grand River basin

Lincoln Lake 47 43.24254 -85.36459 June 15, 2020 August 11, 2020 Grand River basin

Flat River 48 42.93635 -85.33908 June 14, 2020 August 11, 2020 Grand River basin

Grand downstream of Flat 49 42.92621 -85.34097 June 14, 2020 August 11, 2020 Grand River basin

Grand upstream of Thornapple 50 42.94021 -85.4579 June 14, 2020 August 11, 2020 Grand River basin

Thornapple River 51 42.95256 -85.48619 June 14, 2020 August 11, 2020 Grand River basin

Grand downstream of
Thornapple 52 42.95587 -85.47662 June 14, 2020 August 11, 2020 Grand River basin

Grand upstream of Bear 53 43.00558 -85.54172 June 15, 2020 August 12, 2020 Grand River basin

Bear Creek 54 43.05181 -85.54387 June 15, 2020 August 12, 2020 Grand River basin

Grand downstream of Bear 55 43.06304 -85.57967 June 15, 2020 August 12, 2020 Grand River basin
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Grand upstream of Rogue 56 43.06299 -85.58497 June 15, 2020 August 12, 2020 Grand River basin

Rogue River 57 43.06444 -85.59237 June 15, 2020 August 12, 2020 Grand River basin

Grand downstream of Rogue 58 43.06218 -85.60892 June 15, 2020 August 12, 2020 Grand River basin

Grand upstream of Mill 59 43.03236 -85.66116 June 15, 2020 August 12, 2020 Grand River basin

Mill Creek 60 43.03254 -85.66245 June 16, 2020 August 12, 2020 Grand River basin

Grand downstream of Mill 61 43.03081 -85.66138 June 15, 2020 August 12, 2020 Grand River basin

Grand upstream of Plaster 62 42.9505 -85.69538 June 16, 2020 August 13, 2020 Grand River basin

Plaster Creek 63 42.93767 -85.69025 June 16, 2020 August 13, 2020 Grand River basin

Grand downstream of Plaster 64 42.94883 -85.70712 June 16, 2020 August 13, 2020 Grand River basin

Grand upstream of Deer 65 43.00462 -85.90062 June 16, 2020 August 13, 2020 Grand River basin

Deer Creek 66 43.01363 -85.92491 June 16, 2020 August 13, 2020 Grand River basin

Grand downstream of Deer 67 43.0146 -85.95628 June 16, 2020 August 13, 2020 Grand River basin

Grand upstream of Crockery 68 43.02856 -86.03905 June 16, 2020 August 13, 2020 Grand River basin

Crockery Creek 69 43.06305 -86.06669 June 16, 2020 August 13, 2020 Grand River basin

Grand River basin
Grand downstream of Crockery 70 43.03973 -86.08501 June 16, 2020 August 13, 2020
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Table A 2. List of fish taxa detected with eDNA, and their common names.

Fish taxa detected Common name
Etheostoma flabellare Fantail darter
Micropterus dolomieu Smallmouth bass
Etheostoma exile Iowa darter
Nocomis biguttatus Hornyhead chub
Culaea inconstans Brook stickleback
Pomoxis nigromaculatus Black crappie
Ictalurus punctatus Channel catfish
Ambloplites rupestris Rock bass
Cyprinus carpio Common carp
Sander vitreus Walleye
Etheostoma nigrum Johnny darter
Umbra limi Central mudminnow
Minytrema melanops Spotted sucker
Erimyzon sucetta Lake chubsucker
Micropterus salmoides Largemouth bass
Cyprinella spiloptera Spotfin shiner
Perca flavescens Yellow perch
Semotilus atromaculatus Creek chub
Lepomis macrochirus Bluegill
Lepomis cyanellus Green sunfish
Lepomis gulosus Warmouth
Lota lota Burbot
Percina caprodes Common logperch
Dorosoma cepedianum American gizzard shad
Percina maculata Blackside darter
Esox lucius Northern pike
Amia calva Bowfin
Aplodinotus grunniens Freshwater drum
Notemigonus crysoleucas Golden shiner
Ameiurus melas Black bullhead
Esox americanus American pickerel
Percopsis omiscomaycus Trout-perch
Etheostoma Darters
Lepomis Sunfishes
Rhinichthys Dace
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Table A 2 Continued

Moxostoma Redhorses
Notropis Shiners
Alosa River herrings
Catostomus Suckers
Lepisosteus Gars
Cottus Sculpins
Cyprininae Carps
Salmoninae Salmon, Trout, and Chars
Cyprinidae Minnows and Carps
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